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Summary Many bacteria grow in aquatic environments such as oceans, lakes and rivers. These environments pose special challenges, as nutrient availability is poor and hard to exploit due to constant water flow. Therefore, most bacteria grow on surfaces and have developed mechanisms that anchor them on an adequate nutrient source in the moment of encounter. Yet, they need to effectively disperse when conditions become unfavorable. The switch between motile and sessile lifestyles is controlled by the global second messenger c-di-GMP, which suppresses motility and promotes sessility. Here, we use the aquatic bacterium Caulobacter crescentus as a model to dissect c-di-GMP mediated lifestyle changes and surface attachment. C. crescentus has a biphasic life cycle that comprises both a motile and a sessile phase. A motile swarmer cell can develop into a sessile surface attached stalked cell by expressing a polar exopolysaccharide-based structure called the holdfast that shows remarkably strong adhesive properties. Recent studies have shown that holdfast biogenesis requires c-di-GMP and is initiated either upon surface contact or as part of the developmental program. However, the underlying molecular mechanisms are not understood. In an unbiased screen for c-di-GMP binding proteins in C. crescentus we identified a novel c-di-GMP effector of unknown function and confirmed specific binding to c-di-GMP in vitro. Orthologous genes of this effector were found in different phyla and showed a strong association with exopolysaccharide synthesis genes. Its importance in holdfast biogenesis could be experimentally confirmed and the protein was named HfsK following the terminology used for holdfast synthesis proteins. Cells deficient in HfsK produced holdfast but could not retain the adhesin on the cell envelope, resulting in a strong surface adhesion defect and failure in surface colonization. Furthermore, a strong deformation of the mutant holdfast was observed when it was subject to shear stress, indicating a decrease in holdfast cohesion forces. HfsK is a member of an uncharacterized subclass of Gcn5-related-N-acetyltransferases, a diverse enzyme family that could potentially acylate the holdfast exopolysaccharide. Mutations in genes encoding holdfast anchor proteins that are predicted to form membrane-anchored filaments exhibited a similar phenotype. Based on our findings we propose a model in which the anchor filaments and the 
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holdfast form a strong interaction network that relies on HfsK-mediated chemical modification of the holdfast exopolysaccharide. In accordance with its proposed function in holdfast biogenesis, HfsK predominately localized to the cell membrane. The protein delocalized into the cytosol for a short period during the cell cycle, coinciding with holdfast biogenesis and with an upshift of cellular c-di-GMP levels. HfsK mutants impaired in c-di-GMP binding remained membrane associated throughout the cell cycle indicating that c-di-GMP binding controls the localization of this protein. A role in HfsK control could be attributed to a short stretch of amino acids at the C-terminus. This part of the protein is involved in c-di-GMP binding and is required for HfsK localization and activity. Functional analysis revealed a clear correlation between HfsK activity and subcellular localization. HfsK mutants that remained membrane-associated were mostly found to be active, while variants exclusively localizing to the cytosol failed to support proper holdfast formation. We propose that c-di-GMP binding to the C-terminus of HfsK leads to its delocalization and concomitant inactivation.  Finally, we show that overexpression of the glycosyltransferase HfsJ restored holdfast biogenesis in a strain lacking c-di-GMP. This exposed HfsJ as catalyst of the rate-limiting step of holdfast biogenesis when c-di-GMP levels are low. Together with recent findings that HfsJ directly binds c-di-GMP this suggested furthermore that HfsJ is the main effector through which holdfast synthesis is activated upon a cellular upshift of c-di-GMP. This work establishes two pathways through which c-di-GMP can activate and possibly modulate the holdfast adhesin of C. crescentus and provides novel insight into the basis of the holdfast strong adhesive properties.  
 III 
Table of Content 
 
SUMMARY I 
TABLE OF CONTENT III 
ABBREVIATIONS V 
LIST OF FIGURES AND TABLES VI 
1 INTRODUCTION 1 1.1 BACTERIAL BIOFILMS 2 
1.1.1 From planktonic cells to three-dimensional structures 2 
1.1.2 Scaffolding and sticking of biofilms: exopolysaccharides and adhesins 5 
1.1.3 Biofilms: challenges and opportunities 8 1.2 C-DI-GMP 11 
1.2.1 C-di-GMP synthesis and degradation 11 
1.2.2 Regulation of c-di-GMP turnover 14 
1.2.3 The versatility of downstream c-di-GMP effectors 15 
1.2.4 C-di-GMP effector controlled EPS systems 17 1.2.4.1 BcsA and BcsE control cellulose production 17 1.2.4.2 Alg44 is highly interlinked and required for alginate polymerization 18 1.2.4.3 PelD and FleQ are required for pel synthesis and EPS production 19 1.2.4.4 PgaCD form the PNAG synthase complex 20 1.2.4.5 BgsA is the putative synthase of mixed-linked β-glucan 23 1.2.4.6 Listeria monocytogenes EPS requires a degenerate GGDEF protein 23 1.3 CAULOBACTER CRESCENTUS 24 
1.3.1 Cell cycle control 24 1.3.1.1 A cascade of transcriptional regulators drive cell cycle progression 24 1.3.1.2 Swarmer-to-stalked cell transition is tightly controlled 26 
1.3.2 C-di-GMP signaling in C. crescentus 29 1.3.2.1 Oscillating c-di-GMP levels promote cell cycle progression and morphogenesis 29 1.3.2.2 Multiple control of flagellum function by c-di-GMP 30 
1.3.3 Holdfast 32 1.3.3.1 Holdfast structure 32 1.3.3.2 The holdfast synthesis machinery 33 1.3.3.3 Regulation of holdfast synthesis 37 1.4 GNAT PROTEINS 39 
1.4.1 Function and structure of GNAT proteins 39 
1.4.2 Fem proteins have a tandem GNAT fold 41 1.5 AIM OF THIS THESIS 45 
 IV 
2 RESULTS 47 2.1 COHESIVE PROPERTIES OF THE CAULOBACTER CRESCENTUS HOLDFAST ADHESIN ARE REGULATED BY A NOVEL C-DI-GMP EFFECTOR PROTEIN 49 
2.1.1 Abstract 50 
2.1.2 Introduction 51 
2.1.3 Results 53 
2.1.4 Discussion 65 
2.1.5 Materials and Methods 68 
2.1.6 Funding Information 83 
2.1.7 Supplemental Material 84 
2.1.8 Acknowledgments 92 2.2 ADDITIONAL WORK 93 
2.2.1 Additional results 93 2.2.1.1 Cells deficient in hfsK can synergistically adhere with a ΔhfaB strain 93 2.2.1.2 HfsK overexpression affects C. crescentus attachment and growth 97 2.2.1.3 Interspecies complementation of HfsK orthologs is not possible 98 2.2.1.4 C-di-GMP binding determinants are partially conserved among HfsK orthologs 100 2.2.1.5 A CC1244 mutant shows strong phenotypes under very specific conditions 102 2.2.1.6 Rescue of holdfast synthesis in the cdG0 strain 103 
2.2.2 Additional materials and methods 105 
3 DISCUSSION AND PERSPECTIVES 109 3.1 DISCUSSION 110 
3.1.1 Possible function of HfsK 110 
3.1.2 Acylation of EPS – it can make the difference 111 
3.1.3 The holdfast anchor model 113 
3.1.4 Function of CC2278 and CC1244 115 
3.1.5 GNAT proteins – ignored players in EPS synthesis 116 
3.1.6 C-di-GMP dependent control of HfsK 117 
3.1.7 Holdfast synthesis and surface adhesion control pathways - a highly 
connected c-di-GMP network 120 3.2 OUTLOOK 123 
BIBLIOGRAPHY 126 
ACKNOWLEDGEMENTS 149    
 V 
Abbreviations 3D three-dimensional AFM atomic force microscopy BLUF blue light using FAD c-di-GMP  bis-(3’,5’)-cyclic-dimeric-guanosine-monophosphate CoA Co-enzyme A Cori origin of replication DGC diguanylate cyclase EPS exopolysaccharide e.v. empty vector GAF  cGMP-specific phosphodiesterases, adenylyl cyclases and FhlA GIL GGDEF I-site like GlcNAc N-acetylglucosamine GNAT Gcn5-related N-acetyltransferase MurNAc N-acetyl muramic acid  IM inner membrane OG Oregon Green OM outer membrane PAS  Per/ARNT/Sim  PDE phosphodiesterase REC phosphoreceiver  SD standard deviation ST stalked cells SW swarmer cells SW-to-ST swarmer to stalked cell TM transmembrane Und-P  undecaprenyl phosphate WGA wheat germ agglutinin   
 VI 
List of Figures and Tables 
Figures and tables Fig. 1: Biofilm formation 3 Fig. 2: C-di-GMP signaling 13 Fig. 3: C-di-GMP control of different EPS synthesis systems 21 Fig. 4: C. crescentus cell cycle and swarmer-to-stalked cell transition 28 Fig. 5: Regulation of flagellum synthesis and function by c-di-GMP 31 Fig. 6: Model of holdfast EPS synthesis and regulation 35 Fig. 7: N-acylation catalyzed by the GNAT family 40 Fig. 8: Structure core of GNAT proteins 41 Fig. 9: Synthesis of peptidoglycan peptide bridges in gram-positive bacteria 43 Fig. 10: Concept of synergistic adhesion 93 Fig. 11: Holdfast-deficient ΔhfsK cells can participate in synergistic adhesion 95 
Fig. 12: Shed holdfasts of ΔhfsK cells do not support synergistic surface adhesion 96 Fig. 13: HfsK overexpression from a low copy plasmid affects surface adhesion 97 Fig. 14: HfsK overexpression from a high copy plasmid abolishes growth 98 Fig. 15: Interspecies complementation of HfsK orthologs 99 Fig. 16: The C-terminal extension contains a conserved arginine rich motive 100 Fig. 17: Growth and surface adhesion phenotypes of a cc1244 mutant 102 Fig. 18: Overexpressing HfsJ in a cdG0 strain rescues holdfast synthesis but not surface adhesion 104 Fig. 19: The holdfast anchor model 114  Tab. 1: Additional strains, plasmids and primers 107          
 VII 
Figures and tables: Publication manuscript Figure 1: HfsK specifically binds c-di-GMP 54 Figure 2: HfsK deletion leads to an incoherent holdfast that does not support surface colonization 55 Figure 3: C-di-GMP controls HfsK localization 59 Figure 4: The C-terminus of HfsK is an important determinant for its localization and function 62 Figure 5: C-di-GMP binding is required for HfsK delocalization but not for HfsK-mediated surface colonization 64  Figure S1: Many HfsK orthologs are encoded in exopolysaccharide synthesis clusters 85 Figure S2: Attachment defect of hfsK mutants is caused by a less adhesive holdfast 85 Figure S3: Levels of HfsK do not change during the cell cycle 87 Figure S4: Membrane-association of HfsK depends on electrostatic interaction but not with the holdfast synthesis machinery 89 Figure S5: HfsK localization depends on its C-terminus 89 Figure S6: High c-di-GMP levels cause holdfast shedding and a severe surface colonization defect 91  Table 1: HfsK and CC1244 detection in a CCMS screen for c-di-GMP effectors 53 Table 2: Strains, plasmids and primers 77   
  
1 Introduction 
Introduction 
2 
 Bacterial Biofilms 1.1Bacteria can thrive in most adverse environments and can withstand very extreme conditions such as high temperatures or salt concentrations, extreme pH or high radiation (1–6). Part of their success is due to their ability to form three-dimensional (3D) complex sessile communities that are embedded and immobilized in a protective matrix. These so called biofilms grow in various natural and man-made aquatic environments, in soil, and also populate host organisms as for example the dental plaques in humans. They usually grow slowly, which is also thought to protect them against certain stresses (6–8). The Matrix consists of exopolysaccharides (EPS), proteins and extracellular DNA. It confers stability to the structure, provides protection against predators and different types of stress, captures enzymes and nutrients, buffers against fluctuations of environmental conditions, and obstructs the immune response (6, 9, 10). Many biofilms grow on surfaces but might also form on liquid-air interfaces to allow better access to oxygen, occur as free-floating aggregative flocs or form in turbulent flow as filamentous streamers that are only attached at one end to the surface and extend into the liquid phase as long filaments (6, 11–14). Also pathogenic bacteria form biofilms within patients, a condition mainly associated with a chronic course of disease (15). 
1.1.1 From planktonic cells to three-dimensional structures Although biofilms are the predominant life style of environmental bacteria, they can also exist in a solitary, planktonic, often motile form (13, 14). Either involuntarily pulled out from a biofilm or deliberately released by specific signaling mechanisms, those planktonic bacteria are the potential founder cells of a new biofilm. Biofilms develop in a sequence of different steps: surface contact and reversible surface adhesion, surface migration, permanent surface adhesion, formation of cell agglomerates, matrix production, development of 3D structures, and biofilm dispersion of planktonic cells (16, 17) (Fig. 1). As soon as a surface is submerged in liquid, suspended macromolecules immediately start to adsorb, predominantly via unspecific weak interactions. This conditioning film generally renders the surface attractive for microorganisms as nutrient source and can facilitate adhesion, as the original surface properties can be 
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masked. Since formation of the conditioning film is a diffusion-based process it is very fast and usually happens before the first planktonic cells encounter the surface (18–20).  
 
Fig. 1: Biofilm formation When motile cells encounter a surface they can employ external appendages to move on the surface and/or synthesize EPS that helps to adhere to the surface. Migrating cells, dividing cells and new arriving planktonic cells form microcolonies. They communicate via quorum sensing and build up 3D biofilms by further EPS production and synthesis of additional matrix components. Cells that escape the biofilm can initiate biofilm formation elsewhere.  Surface contact can be either coincidental or a result of chemotaxis that directs motile cells to nutrition sources. However, depending on the surface and bacterial strains, envelope charge and hydrophobicity can impede first surface contact (21). To overcome such constrains, bacteria often use cellular appendages like pili, fimbriae or flagella (16). These not only serve as adhesins but also as sensors for surface contact. For example, type IV pili of P. aeruginosa seem to adhere over their entire length on various substrates and are required for surface induced alteration of gene transcription (22, 23). As the PilA pili subunits interact with a component of the Chp sensory system, it has been suggested that this sensory system might detect structural rearrangements of PilA that are generated by tension within the pilus when it adheres to a surface (24). Besides bringing cells in close contact with a surface, flagella of pathogenic bacteria are also known to facilitate adhesion to host cells via targeted receptors (25). In addition, experiments on abiotic rough and smooth surfaces have demonstrated that flagella can reach into cracks and crevices smaller than the bacterial cell and thereby serve as anchors (26). Furthermore, close to a surface, the viscous forces of a liquid are stronger compared to regions further away from the surface (27, 28). This, together with direct physical hindrance of rotation by a surface, 
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increases the load on flagellar rotation. It has been suggested that impeded flagellar rotation also serves a surface-sensing signal and probably leads to a change in proton motive force via the flagellum stator complex (29). However, recent findings in our group have shown that at least in C. crescentus only a functional flagellar stator is required for surface sensing while the filament is dispensable. This suggests that in 
C. crescentus some other physical impact, for example membrane deformation, might lead to a change in proton motive force (I. Hug, personal communication). The initial surface attachment is still reversible and allows cells to leave the surface again. Some bacteria even have means to explore the surface by swarming, twitching or gliding before finally committing to permanent attachment (30). Surface contact triggers a multitude of processes that allow the cells to adapt to the new environment. These can be both translational and posttranslational and often include an increase of the second messenger c-di-GMP (see chapter: 1.2) and quorum sensing (cell-to-cell signaling) (16, 31–34). Production of EPS is activated in order to permanently attach to the substrate, mediate cell-cell contact and 3D growth (see chapter below). Besides EPS, other components like proteins or extracellular DNA are secreted to support the matrix of the growing biofilm. Streptococcus mutans, for example, produces glucan binding proteins that can be cell-bound or secreted and are necessary for biofilm structure (35). Bacillus subtilis, on the other hand, secretes a protein called Tas that forms extracellular amyloid fibers. Cells deficient in tas form only very weak pellicle biofilm, which can be rescued by addition of purified Tas fibers (36). In the marine bacterium Rhodovulum sp. and in P. aeruginosa extracellular DNA plays an important role in biofilm formation. Both form only very weak biofilm when treated with DNAses (37, 38). For P. aeruginosa it could be shown that in pellicle biofilm the extracellular DNA interacts with the Psl EPS and that DNA release is a process controlled by quorum sensing (39, 40). However, P. aeruginosa can also use DNA from other organisms for the same purpose (39).   Within a mature biofilm the dense matrix network limits transport to diffusion, which leads to gradients of nutrients and waste products but also potentially harmful molecules and creates different microenvironments. Therefore in nature, most biofilms home different species that occupy specific niches (6, 7). Even when a biofilm originates from one founder cell and is monoclonal, the offspring cells are phenotypically different depending on their position within the structure (7, 41). 
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Mature biofilms can have different forms that are largely species dependent and are also governed by external factors like nutrient availability or shear stress. When grown under flow with low nutrient availability, P. aeruginosa and C. crescentus form mushroom like structures (42, 43), which is thought to be a direct consequence of stochastic variations in nutrient availability (7). In both cases pili based motility was shown to be required for the formation of the mushroom cap (42–44). But there are also means to improve nutrient availability. When grown on agar, E. coli and B. subtilis form large round biofilms with a macroscopically wrinkled appearing surface (45, 46). Those vertical buckles form as a result of lateral compressive forces (47) and branch into a highly connected system of channels that facilitate liquid transport (46). Another possible way to facilitate transport within biofilms has been described for 
Bacillus thuringiensis by Houry and colleagues who observed swimming cells that travelled though the matrix and thereby formed transient tunnels that facilitate nutrient flow. When B. thuringiensis cells were equipped with a biocide, these swimming cells also helped to invade heterologous biofilms (48), illustrating that not only nutrition but also competition shape and influence biofilms. 
1.1.2 Scaffolding and sticking of biofilms: exopolysaccharides and 
adhesins Exopolysaccharides are a major component of the biofilm matrix. They vary in the number of different saccharide moieties present, the linkage between saccharides, the branching of the chain and the degree and type of modification of the saccharides (49). Depending on their purpose, EPS are secreted or anchored in the cell envelope.  EPS synthesis usually starts from activated UDP-coupled monosaccharides. There are three major pathways used by bacteria to assemble and export EPS polysaccharides: synthase-dependent, ABC-transporter-dependent and Wzx/Wzy-dependent pathways (50, 51). The core of the synthase-dependent pathway is the membrane spanning synthase complex, which binds the activated saccharides and directly polymerizes and transports them across the envelope (51). EPS synthesized via this pathway usually have only one single saccharide precursor (50). However, the homopolymer can be modified during export as described for alginate synthesis (see chapter: 1.2.4.2.) (52, 53). In the ABC-transporter-dependent pathway the polysaccharide is assembled on a lipid anchor at the cytosolic side of the inner membrane and transported as a whole through the cell envelope by an ABC-
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transporter (54). In contrast, the Wzx/Wzy-dependent pathway first assembles lipid-linked oligosaccharide subunits. They have to be individually flipped by the Wzx protein across the membrane before being polymerized by Wzy and exported through the outer membrane. The Caulobacter adhesive holdfast is synthesized via this pathway and described in detail in the chapter: 1.3.3.2. EPS are hydrated gels that show viscoelastic properties, meaning that their response to mechanical stress has both an elastic and viscous component. Besides other effects, these properties result in a time dependent response to stress (55). The reason for this behavior are the many transient entanglement interactions that occur within the polymer’s network like London (dispersion)-forces, electrostatic forces or hydrogen bonds. If a mechanical stress occurs within a time window similar or below the time constant of the transient interactions the response is elastic and the stress is absorbed. If this stress persists longer, the response is viscous due to the ongoing breaking and reforming of interactions, the EPS is irreversible deformed and the strain reduced (55–57). This means, that if the interactions within the network are very strong, e.g. salt bridges or even covalent linkages, the EPS behaves more like a viscoelastic solid, their deformation upon a stress is reduced and the stress imposed onto the network does not decrease. On the other hand, if the EPS is stabilized mainly by weak and fluctuating crosslinks, it does rather behave like a viscoelastic fluid which is readily deformed upon a stress and thus the stress is reduced over time (55, 56). The nature of interactions depends not only on the core saccharides but also their decorations (57–59). Also the composition of the medium within which the EPS resides (e.g. salt) and the temperature, which reduces the time constant of non-permanent interactions, influence viscoelasticity (60, 61). Viscoelasticity is only one characteristic of EPS and EPS modification can also serve for other purposes (59). Depending on their physical properties, EPS can have different functions within the biofilm (49). To protect biofilms form desiccation, hydrophilic EPS bind high amount of water, while neutral and charged EPS are involve in the formation of a network that confers stability and cohesion to the biofilm. Thereby, not only attractive but also repulsive forces play a role as they can confer a certain degree of stiffness to the matrix (58). Charged EPS can also be involved in the binding of organic compounds or enzymes that make the matrix an extracellular digestive system. Bacteria also secrete EPS as an extracellular storage agent for carbohydrates or energy (49). Furthermore, EPS can serve as cryo-protectants (62) or 
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form a protective shield against reactive oxygen species (63). In Burkholderia cepacia the latter is attributed to acetyl groups decorating the polymer, which are the first to be cleaved in presence of reactive oxygen species (63). Considering the variety of applications for EPS, it is not surprising that bacteria often encode genes for several different EPS. A very common one in gram-negative bacteria is the lipopolysaccharide of which the outermost part (O-antigen) is synthesized by a Wzx/Wzy-dependent pathway (64). Besides this, C. crescentus produces an adhesive holdfast EPS and a surface associated capsular EPS (65, 66). 
Escherichia coli employs two different EPS: poly-N-acetyl-glucosamine (PNAG) and colanic acid. While PNAG was shown to be essential for initial permanent attachment (67), colonic acid was dispensable for this early step but crucial for the formation of complex biofilm structures (68). P. aeruginosa even encodes genes for three different EPS relevant for biofilm formation. Alginate gene expression is initiated early after surface contact and the polymer seems to help cells to remain attached to a surface (69). Furthermore, when overexpressed, alginate changes biofilm structure and enhances resistance against antibiotics (70). However, alginate seems not to be needed for biofilm formation (71). In the P. aeruginosa strain PAO1, cell surface associated Psl EPS, is needed for attachment while free extracellular Psl accumulates at the periphery of mature biofilm grown in flow chambers (72). In contrast, the cationic EPS Pel was found mainly in the core of these biofilms where it crosslinks extracellular DNA via an ion binding mechanism (73). In the P. aeruginosa strain PA14, on the other hand, Psl is not produced. Instead, the Pel EPS is required for the strain’s biofilm maturation and can compensate for Psl in the biofilm periphery (73, 74).  An important function of some EPS is to serve as adhesins. Adhesion largely depends on non-covalent interaction forces. Thus, in very general terms, functional polar or hydrogen-bonding groups improve the adhesive (and cohesive) properties of an EPS (75). But also the molecular weight of the polymer strands has an impact on the mechanical properties of an adhesin (76). In turn, the molecular weight can depend on modifications of the polymer as recently described for alginate (53). Another important requirement for an adhesin is its resistance to moisture, as water molecules can strongly interfere with polar interactions and thereby massively reduce adhesion (75, 77). Acetylation or methylation was shown to improve moisture resistance (75).  
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Besides EPS, bacteria also employ proteinaceous structures for surface adhesion. Fimbrial structures like pili are one example and described in the chapter above. An example of an adhesin consisting of a single protein is the surface associated protein LapA. LapA was shown to be involved in biofilm formation for several species (78–81). It consists of an N-terminal anchoring domain, a long hydrophobic stretch of repeated amino acid sequences and a C-terminal adhesive domain. The repeated sequence region and the C-terminal domain are differentially involved in adhesion to either hydrophobic or hydrophilic surfaces (82). Cell adhesion can be regulated by a periplasmic protease that cleaves and releases LapA from the surface. This process is repressed by c-di-GMP which leads to LapA accumulation, and stronger net surface adhesion, similar to c-di-GMP induced EPS synthesis (83–85) (see chapter: 1.2.3 and 1.2.4). 
1.1.3 Biofilms: challenges and opportunities Bacterial biofilms quickly form on basically all liquid exposed surfaces of either biotic or abiotic nature. In the environment they often serve as basis for surface colonization of multicellular organisms (86, 87). Together they form biofouling communities that cause damage in navigation, drinking water supply and food industry and different industrial water systems. Schultz and colleagues estimated the yearly cost for the entire US navy incurred by biofouling to be several hundred million US$. The major part can be attributed to increased fuel consumption elicited by enhanced frictional drag (88). Also in aquaculture farms biofouling causes 5-10% of the production costs and affects both health of the cultured organisms and infrastructure of the farm (89). In water supply systems accumulation of biomass can largely affect water flow in pipes, or even obstruct them, while it also raises hygienic concerns (28, 90). Different complications arise in heat exchange systems where the microbial layer prevents heat transport by convection and dramatically reduces the system’s efficiency (18). Rather recently, scientist realized that environmental biofilm in aquatic ecosystems serve as a reservoir for antibiotic resistance determinants. Yet, there is only little information to what extend such determinants can be transferred to potential pathogens (91). Cells in the biofilm core show only slow or no growth, presumably due to limited nutritional supply and an anaerobic environment. This makes them highly tolerant against antimicrobial treatment (92, 93). The low susceptibility against antibiotics paired with the protective matrix, which can shield the cells from the immune system, 
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and other immune evasive mechanisms, makes it very difficult or nearly impossible to eradicate infections of biofilm forming pathogens (94). Biofilms are also the most prevalent cause for the failure of biomaterial implants, such as orthopedic implants, catheters, cardiac pacemakers or vascular prostheses. Due to limited success of antimicrobial treatment, such infections often require the surgical removal of the implant (95). In all these fields control of biofilm formation comprises different approaches. They aim to prevent surface adhesion or reduce the organisms’ viability on the surface from the beginning by selection of specific surface materials or by anti-adhesive or anti-microbial coating. Alternatively, their objective is to destroy already formed biofilms either physically or chemically (18, 87, 89, 95, 96). In the medical field recent approaches also aim to directly interfere with the signaling pathways associated with biofilm formation (96), namely quorum sensing (97–100) and c-di-GMP signaling (101, 102). Sub-MIC doses of the antibiotic azithromycin that blocks quorum sensing in P. aeruginosa could indeed ameliorate pulmonary functions in cystic fibrosis patients suffering from P. aeruginosa infection (99, 103). Yet, this type of therapy lead to a strong increase in antibiotic resistance of other pathogens found in the patient’s lung making it a suboptimal treatment at best (103).  In a human point of view, microbial biofilms can form at the wrong place. Yet, they are of high ecological importance as they play a major role in nutrition cycling (104–106). This is exploited industrially in sewage water treatment systems where biofilms can be used for denitrification and reduce the load of biodegradable organic waste and phosphorous (107, 108). Recent studies have shown that, at least under laboratory conditions, such biofilm based sewage water treatment systems can be coupled with the generation of electricity (109). Furthermore, the diversity of metabolic pathways found within the bacterial world makes them an interesting tool to produce industrial chemicals in bioreactors. Biofilms of Acetobacter (so called “mother”) are used since several thousand years to convert ethanol to acetic acid and thus produce vinegar (110). Bioreactors based on either artificially or naturally surface adherent cell cultures generally show higher production rates due to enhanced cell mass concentrations. They were already successfully applied, at least in small scale, for ethanol, butanol, lactic acid, fumaric acid and succinic acid production (111). Also, even more complex conversions could be potentially achieved by using multispecies 
Introduction 
10 
biofilms (112). But not only metabolites produced by biofilm have gained more and more attention. Also bacteria derived exopolysaccharides are of great interest for various industrial and medical fields, due to their remarkable and very diverse properties (see chapter above) (49, 50). Therefore, understanding the principals of biofilm formation not only helps to prevent their formation at unfavorable places but also opens a variety of technical and ecological opportunities. 
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 C-di-GMP  1.2Bis-(3’,5’)-cyclic-dimeric-guanosine-monophosphate (c-di-GMP) is a near-ubiquitous second messenger. In many cases high levels of c-di-GMP are associated with a sessile life-style and biofilm formation including production of exopolysaccharides, matrix components and adhesins. In contrast, different types of motilities (swimming, swarming, gliding, twitching) are generally promoted when c-di-GMP levels are low (Fig. 2). But the second messenger was also shown to regulate other processes such as virulence, several resistance mechanisms, cell cycle progression, cell differentiation and antibiotic production (31). Computational analyses of microbial genomes have shown that most bacteria encode proteins that are related to c-di-GMP, such as the enzymes involved in its homeostasis. In fact, these enzymes comprise one of the largest protein families in the bacterial kingdom, which emphasizes the importance of c-di-GMP in the microbial world (31, 113, 114). As a bacteria-specific second messenger it is not surprising that eukaryotic cells have adapted to this molecule. They can detect and elicit an immune response against intruding microorganisms by sensing c-di-nucleotides (115, 116). Specialized enzymes called diguanylate cyclases and phosphodiesterases integrate intra and extracellular signals either directly or indirectly and synthesize or degrade c-di-GMP. C-di-GMP binds to various effector proteins that propagate the signal into downstream pathways (Fig. 2). While in some cases a global c-di-GMP pool can affect many processes in parallel (117, 118), in other cases the nucleotide produced or degraded by a specific DGC or PDE was suggested to act rather locally on a particular pathway (119–121). 
1.2.1 C-di-GMP synthesis and degradation C-di-GMP homeostasis is mediated via the c-di-GMP producing diguanylate cyclases (DGCs) and the c-di-GMP degrading phosphodiesterases (PDEs). Diguanylate cyclase domains have a conserved and eponymous motive (GG(D/E)EF) that forms the active site. DGCs condense two GTP into one c-di-GMP molecule. As each GGDEF domain only binds one GTP, two of these domains have to symmetrically align and bring the two nucleotides into close proximity in order to allow condensation (122, 123). Many DGCs show allosteric product inhibition, which 
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requires an additional conserved motive (RxxD) called I-site. The I-site precedes the GGDEF motive and binds an intercalated dimer of c-di-GMP, which – in most cases – non-covalently crosslinks the GGDEF domains of two proteins in a catalytically incompetent conformation (122, 124–126). The necessity to form a correctly aligned dimer has been exploited by nature in several ways in order to control activity of DGCs. PleD, for example, is present as a monomer in its inactive form and dimerizes upon phosphorylation in order to be active (127). On the other hand, the E. coli DgcZ forms a constitutive dimer which can adopt a catalytically competent and an incompetent conformation in response to zinc that binds to its C-terminal zinc-binding domain (123). Moreover, the DGC of WspR from P. aeruginosa adopts a tetrameric conformation when activated by phosphorylation. But its full enzymatic potential was shown to be unleashed upon formation of even higher oligomers (128, 129).  Phosphodiesterases can be divided into two distinct groups namely c-di-GMP-specific phosphodiesterases harboring the consensus EAL domain or those with an HD-GYP motive. While both classes degrade c-di-GMP into linear pGpG (125, 130, 131) only HD-GYP phosphodiesterases degrade their substrate further into two molecules of GMP (132, 133). For bacteria absent of HD-GYP PDEs it was suggested that pGpG can serve as a signaling molecule itself (134) and in some cases can still be degraded into GMP by specific ribonucleases (135, 136).  EAL domain PDEs generally need to dimerize in order to be active, although from a reaction mechanisms point of view it is not entirely clear why they have to do so (137–140). The EAL motive locates to a small groove in the protein structure which is also the substrate binding and active site (141, 142). Hydrolysis of c-di-GMP was proposed to occur through a nucleophilic attack on the phosphorous atom by a deprotonated water molecule that is coordinated by two Mg2+ ions. Deprotonation is catalyzed by a glutamic acid which lies outside of the EAL motive and serves as a general base (138, 141, 142). Residues involved in substrate binding and Mg2+ ion coordination (one of which being the glutamic acid of the EAL motive) and the glutamic acid residue serving as the general base are highly conserved (138). Another highly conserved region is the dimer interface of the EAL domain (137, 143). Mutations in this region do not only affect the protein’s oligomeric state but also strongly affect catalytic parameters (143). Recent studies have suggested that in some 
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cases the EAL domain dimer might transit from an open to a closed conformation. These quarternary changes affect its activity depending on activation stimuli transmitted though accessory domains (see below) (139, 140).  
 
Fig. 2: C-di-GMP signaling C-di-GMP is produced by diguanylate cyclases (DGC) that have a characteristic GGDEF domain and degraded by phosphodiesterases (PDE) that have either an EAL or HD-GYP domain. EAL and HD-GYP differ in their final degradation product. Both DGC and PDE activity can be regulated on the expression or post-transcriptional level by various inputs. C-di-GMP transmits the signal by binding to specific effector riboswitches or effector proteins that can have different binding domains some of which are not defined yet. These effectors target different processes either on the transcriptional, translational or post-translational level. Modified from (117, 144).  Finally, the HD-GYP family of phosphodiesterases is the least studied class. Up to date, only 3 structures of active enzymes have been published, which show a variable number of coordinated metal ions and different substrate bias for c-di-GMP and pGpG respectively (145–147). The structures also show a conserved loop, which has been proposed to serve as a lid and gate substrate binding to the active site (146–148). 
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1.2.2 Regulation of c-di-GMP turnover About 2/3 of all sequenced bacterial genomes encode at least one GGDEF, EAL or HD-GYP domain protein. However, in some cases, for example in several Vibrio or 
Shewanella species, around 100 genes contain either one or both of these domains (149, 150). This suggests that c-di-GMP signaling networks allow a very precise and sophisticated response to a multitude of different signals. It is thus not surprising that 
Vibrio cholerae, which encodes 61 enzymes predicted to be involved in c-di-GMP turnover, shows an up to 20 fold variation in c-di-GMP levels depending on the growth medium tested (151).  But how is c-di-GMP turnover regulated? Some PDEs and DGCs are controlled on a transcriptional level and are only expressed under certain conditions. In E. coli for example, some of the GGDEF/EAL encoding genes are differentially expressed depending on growth phase and temperature (152). Furthermore, one of the E. coli EAL domain proteins, PdeL, activates its own transcription in response to the prevailing c-di-GMP levels (153). Also Yersinia pestis changes expression of its two DGCs and one PDE in response to several environmental stimuli (154) while transcription of the PDE PdeA of C. crescentus is cell cycle controlled (155) (see chapter: 1.3.2.1). However, most PDEs and DGCs are also expected, and some were confirmed to be subject to posttranslational control (137, 156, 157). Their GGDEF, EAL and HD-GYP domains are linked to N-terminal accessory domains with predicted functions predominantly in protein localization, dimerization and signal sensing (150). These domains are universally used and also combined with other output domains like histidine kinases, phosphatases or DNA binding domains (113, 158–160). The structurally similar GAF (often found in cGMP-specific phosphodiesterases, 
adenylyl cyclases and FhlA) and PAS (Per/ARNT/Sim) domains, for example, are often associated with GGDEF, EAL and HD-GYP domains. GAF and PAS domains bind to different small molecules which are either sensed directly (e.g. cAMP/cGMP, some metabolites and ions) or serve as adaptors to sense stimuli like redox state (sensed through flavin adenine dinucleotide (FAD)), light (sensed through flavin mononucleotide or chromophores), or oxygen and nitric oxide (sensed through heme) (161–165). But GAF and PAS domains can also serve as interface for interaction with other proteins (166). Other sensory domains that control DGCs or PDEs are more specific. Globin-domains for example sense oxygen via a bound heme group (167–
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170), while the BLUF (blue light using FAD) domain responds to photons (137, 139). In Shewanella woodyi, the nitric oxide sensing domain H-NOX is part of a separate protein and is thought to promote PDE activity by protein-protein interaction (171).  PDEs and DGCs also often contain a REC (phosphoreceiver) domain and serve as two-domain response regulators in two-component systems. Upon a signal, a sensor histidine kinase phosphorylates a conserved aspartic acid in the REC domain of its cognate response regulator and thus controls the regulators output activity (172). The prevalent domain combination observed in DGCs is such a REC-GGDEF fusion (150). Examples of such phosphorylation controlled PDEs are PleD and WspR that upon phosphorylation dimer and oligomerize, respectively (127–129) (see chapter: 1.2.1). A multitude of proteins are hybrids of GGDEF, EAL and HD-GYP domains (150). Interestingly, in most GGDEF-EAL proteins, either both domains are potentially active or only the EAL domain is active. In bi-functional proteins GGDEF-EAL domains often associate with additional regulatory domains as described above, which suggests that they employ either activity depending on external stimuli (150). In several hybrid GGDEF-EAL proteins with PDE only activity, the degenerate GGDEF domain exerts a regulatory role. It retained substrate binding and activates the EAL catalytic activity in presence of GTP (125, 173, 174). 
1.2.3 The versatility of downstream c-di-GMP effectors C-di-GMP effectors propagate the c-di-GMP signal into different downstream pathways (Fig. 2). Yet, in contrast to the well-defined motives required in DGCs and PDEs, c-di-GMP binding motives of effector proteins are very diverse. A possible reason for this diversity is that the ligand c-di-GMP can adopt various different conformations and oligomeric states (114). The binding motives commonly contain Asp and Arg residues, as these can form H-bonds with the guanine base of c-di-GMP in several ways. Furthermore Arg, Phe, Trp and Tyr can form stacks with the guanine’s hydrophobic surface (114). Due to these varieties, identification and characterization of effector proteins lagged behind c-di-GMP turnover proteins. But thanks to the development of high-throughput screening methods (175–179), more and more c-di-GMP effectors are being identified.   Early detected c-di-GMP effectors were degenerate GGDEF domain proteins, which have lost enzymatic activity but retained c-di-GMP binding with their I-site (180) 
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(see chapter: 1.2.1). Similarly, enzymatic inactive EAL domains can also serve as c-di-GMP effector proteins (83, 181–183). A class with only one characterized member so far (BcsE, see chapter below) is the GIL (GGDEF I-site like) domain. It not only has a conserved RxGD motive required for c-di-GMP binding, which is very similar to the RxxD motive of the I-site of GGDEF domain, but also exhibits secondary structural elements around this motive which are similar to the I-site region (184). A big class of c-di-GMP effectors binds c-di-GMP via a PilZ domain that exists as a single domain protein (185–187) but also as part of a multidomain protein (188–191). There are three types of PilZ domains (114). Type I domains bind c-di-GMP via two conserved motives (RxxxR and (D/N)xSxxG ) (159). The type II PilZ domains have a degenerate binding motive and are thus incapable to bind c-di-GMP. The eponymous PilZ protein which is required for pili function belongs to this group (190, 192). Type III PilZ only has one characterized representative so far: XCC6012 from 
Xanthomonas campestris. Its domain structure is truncated by two additional helices that allow the protein to tetramerize. Also this type of PilZ does not bind c-di-GMP (114, 193). The MshEN domain shows the so far longest conserved c-di-GMP binding motive (RLGxx(L/V/I)(L/V/I)xxG(L/V/I)(L/V/I)xxxxLxxxLxxQ) (194). It was first identified in a subset of ATPases that are involved in pili biogenesis and type II secretion but also associates with a variety of other domains such as Rec, glycosyltransferase, kinase or CheY domain (194, 195).  C-di-GMP effectors can be enzymes (195–197), transcription factors (198–200), receptors (201) adaptor proteins (202, 203) or even short stretches of non-coding RNA called riboswitches (204, 205). Together they control downstream pathways on a transcriptional, post-transcriptional and post-translational level. On a post-translational level, protein effectors pass on the signal by various ways, including adjustment of enzymatic activity, protein stability, localization, affinity to DNA or affinity to another interaction partner. In MshE of V. cholerae, the eponymous representative of the MshEN biding domain, c-di-GMP activates ATPase activity and thereby promotes pilus assembly (194, 195, 206). On the other hand, c-di-GMP binding to the dimerization interface of the AAA+ ATPases FliI and HrcN of Pseudomonas species, which are involved in the export mechanism of the flagellum and type III secretion system, respectively, inhibits 
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their enzymatic activity in vitro (197). In C. crescentus the kinase CckA switches into the phosphatase mode upon c-di-GMP binding (207). On the other hand, the localization factor TipF of C. crescentus shows altered stability and localization in response to c-di-GMP. It is only stable and localizes to the pole when bound to c-di-GMP and is quickly degraded when c-di-GMP levels drop (182)(see chapter: 1.3.2). A well-studied example for altered protein-protein interaction is the widely conserved transmembrane protein LapD that regulates accumulation of the adhesin LapA on the cell surface (see chapter: 1.1.2). LapD binds c-di-GMP via its degenerate EAL domain. This leads to major conformational changes that are translated into the periplasmic domain of LapD and the recruitment of the periplasmic protease LapG. LapG is thereby sequestered away from LapA and thus prevented from cleaving and releasing the adhesin (83–85, 208). 
1.2.4 C-di-GMP effector controlled EPS systems C-di-GMP was shown to regulate various exopolysaccharides, either on a transcriptional level, posttranslational level or both. For the Agrobacterium EPS curdlan, a unipolar polysaccharide, the regulation mechanism is largely unknown. For xanthan of Xanthomonas campestris, Vibrio EPS, or Pel of P. aeruginosa only transcriptional control has been shown (209) which is why they are not further discussed here. Several posttranslational c-di-GMP effectors that control EPS synthesis are currently known and all but one are essential for EPS synthesis (see below). Most effectors seem to inhibit glycosyltransferase activity or export in the c-di-GMP unbound form and activate synthesis when bound to the nucleotide.  
1.2.4.1 BcsA and BcsE control cellulose production Cellulose is a widespread poly-β-(1,4)-D-glucose EPS and is important for surface colonization and virulence (149, 210–212). Cellulose synthesis in Komagataeibacter 
xylinus (former Acetobacter xylinum) was the first process shown to be controlled by c-di-GMP (213, 214). In vitro, synthesis requires only the combined action of the inner membrane protein BcsA and the periplasmic protein BcsB that couple catalysis and export (189, 215) (Fig. 3A). In vivo, however, additional components are necessary (216). Thanks to crystal structures of the BcsAB complex of Rhodobacter 
sphaeroides with and without c-di-GMP the underlying mechanism of cellulose synthesis control is well understood (189, 217). The synthase BcsA contains the 
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glycosyltransferase activity, yet its active site is blocked by a gating loop. Only binding of c-di-GMP to the BcsA’s intracellular PilZ domain displaces this loop and allows substrate binding and catalysis (189, 217, 218). The PilZ domain is contained within a C-terminal β-barrel that is connected to the glycosyltransferase domain via a linker region. This linker forms a two-stranded β-sheet with part of the gating loop. In the autoinhibited state, Arg580, which is part of the PilZ RXXXR motif, tethers the gating loop in front of the active site entrance. C-di-GMP binds as an intercalated dimer. In order to accommodate the nucleotide Arg580 flips over. This leads to a slight rotation of the linker resulting in the displacement of the gating loop and enables substrate entry to the active site (189). Recently, the protein BcsE was also shown to bind c-di-GMP specifically. BcsE is only encoded in cellulose operons type II as found in Salmonella enterica, 
Pseudomonas putida, Burkholderia mallei or Chromobacterium violaceum (149). It is required for maximal cellulose production in S. enterica and the authors could not rule out an alteration in cellulose fiber structure in a ΔbcsE mutant (184). It has no homology to any protein with known function and its mode of action remains elusive. Yet, the c-di-GMP binding site could be located within an uncharacterized domain with a conserved RxGD motive and predicted structural similarities to the I-site of GGDEF-domains. Based on this observation the domain was named GGDEF-I-site-like domain (GIL) (184) (see chapter: 1.2.1). S. enterica encodes 12 GGDEF-domain containing proteins. However, in a strain that was stripped of all GGDEF-domain proteins, single gene restoration revealed that only four of them could rescue the cellulose deficient phenotype. This indicates that in S. enterica cellulose synthesis is regulated by a partially localized pool of c-di-GMP (219). 
1.2.4.2 Alg44 is highly interlinked and required for alginate polymerization Alginate is widely used in different industrial fields and consists of variable amounts of (1,4)-linked β-mannuronic acid and its epimer α-guluronic acid. P. aeruginosa synthesized the EPS in a large multiprotein complex. Alg8 is the synthase and spans the inner membrane (49, 50). Before being exported by an outer membrane pore, the nascent alginate chain is O-acetylated by four acetyltransferases and epimerized by a single epimerase that converts the C6 mannuronic acid into the C5 guluronic acid. These enzymes are located in the inner membrane and the periplasm (52, 53). The alginate synthase complex furthermore contains different additional helper proteins including Alg44 (49, 50). Alg44 has a cytoplasmic PilZ domain and a periplasmic 
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domain similar to membrane fusion proteins that are implicated in protein-protein interaction (190, 218, 220) (Fig. 3B). C-di-GMP binding to Alg44 via the canonical PilZ c-di-GMP binding motif is required for alginate polymerization suggesting that Alg44 might act as a co-polymerase (190, 221, 222). In line with this, Alg44 interacts with Alg8 which was found to be independent of c-di-GMP or the PilZ domain (53). Due to the similarities of this synthase-PilZ heterocomplex with the cellulose synthase BcsA it was proposed that they might share a common inhibitory mechanism (189). However, there are indications that Alg44 forms a dimer and that it is involved in several c-di-GMP independent protein-protein interactions with periplasmic components of the alginate synthesis machinery conferring stability to the proteins (53, 223). Thus, the activation mechanism of alginate synthase might differ from the autoinhibitory mechanism of BcsA, and Alg44 might have additional roles during polymer synthesis (53). It was found by Hay and colleagues (224) that membrane bound GGDEF-EAL protein MucR specifically activates alginate production. MucR shows both PDE and DGC activity in vitro, and was suggested to be active as a DGC in biofilms and as PDE in planktonic cells (225). 
1.2.4.3 PelD and FleQ are required for pel synthesis and EPS production In P. aeruginosa, the EPS Pel is a polysaccharide composed of partially deacetylated N-acetyl-galactosamine and N-acetyl-glucosamine (73) and is required for biofilm formation (73, 74) (see chapter: 1.1.2). Pel synthesis is controlled by c-di-GMP on both the transcriptional and post-translational level (Fig. 3C). Expression of the pel operon is positively and negatively regulated by FleQ in a c-di-GMP dependent manner (199, 226). FleQ is a transcription factor with a DNA binding helix-turn-helix domain, a central AAA+ ATPase σ54-interaction domain and a N-terminal REC domain which lacks the aspartic acid required for phosphorylation (227). The REC domain is required for FleQ oligomerization and function, while the central AAA+ ATPase contains the c-di-GMP binding pocket that is distinct from the ATP binding site (227, 228). The pel operon has two FleQ binding boxes, one (box 2) is required for transcription repression and one (box1) is required for transcription activation (226). It is thought that in the absence of c-di-GMP FleQ binds to both boxes, which leads to DNA bending and transcription inhibition. When bound to c-di-GMP, FleQ undergoes major quaternary structure rearrangements which might 
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reduce its affinity for box 2 and DNA bending and thus activate pel transcription (226, 228). Posttranslational regulation of Pel EPS is mediated by PelD. PelD has four TM domains followed by a cytosolic GAF and degenerate GGDEF (with the sequence GGEEF) domain (229). C-di-GMP was shown to bind to the conserved I-site either as a monomer or dimer and the binding site was required for Pel synthesis (180, 229). Although the cytosolic part of PelD was always observed as a monomer in vitro, Whitney and colleagues (229) realized that the linker between the last TM and the GAF domain is predicted to form coiled-coils upon which they concluded that PelD might form a dimer in vivo. The predicted Pel glycosyltransferase is a cytosolic protein without any TM domain. This prompted the authors to suggest, that PelD might form an inner membrane transport channel and Li and colleagues proposed that the other two inner membrane proteins PelE and PelG might also contribute to the channel (229, 230). However, whether PelD really is part of a channel, how c-di-GMP controls PelD’s activity and the roles of the other Pel proteins needs further investigation.  Several DGCs were shown to contribute to the c-di-GMP pool that controls Pel synthesis (Fig. 3C). Overexpression of RoeA increased Pel synthesis, which depended on an intact GGDEF motive (231). Together with another DGC called SadC, RoeA was shown to increase c-di-GMP levels and promote biofilm formation in response to increased concentrations of several amino acids (232). The YfiBNR system that activates the transmembrane DGC YfiR in response to uncharacterized periplasmic signals, strongly upregulates pel transcription (233). Likewise, pel transcription is also increased by the two-domain response regulator WspR (234). WspR activates its DGC activity upon phosphorylation via the transmembrane chemotaxis-like regulatory Wsp system that reacts to the presence of surfaces (128, 234). Last but not least, the membrane bound GGDEF-EAL protein BifA acts as a PDE and its deletion promotes Pel synthesis (235). 
1.2.4.4 PgaCD form the PNAG synthase complex Poly-β-(1,6)-N-acetyl-glucosamine (PNAG) is an important matrix component and crucial for biofilm formation in several bacteria such as E. coli, Staphylococcus and 
Bordetella (236–238). In E. coli it is produced by the widely conserved pgaABCD operon (239). Its transcription is regulated specifically by the DGC activity of DgcO (former YddV or DosC) by a yet unknown mechanism (121) (Fig. 3D). DgcO senses oxygen via a globin based domain (167). It is encoded in an operon together with 
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pdeO and forms a functional heterodimer with PdeO. PdeO is a PDE and has a heme binding pas domain and increases its PDE activity in presence of oxygen (240).  The Pga proteins produce PNAG in a synthase dependent mechanism. PgaA is predicted to form the outer membrane pore and is, together with the periplasmic de-N-acetylase PgaB, necessary for PNAG export (Fig. 3D). The synthase PgaC and the accessory protein PgaD are essential for PNAG synthesis (239). Biofilm formation and stability of PgaD largely depends on the c-di-GMP levels and the presence of PgaC (241, 242). Steiner and colleagues (242) could demonstrate that besides being required for pgaABCD transcription, c-di-GMP also allosterically activates PNAG synthesis and that for this type of control mainly the DGC DgcZ is required. C-di-GMP simultaneously bound to PgaC and PgaD and thereby stabilized PgaD. Both proteins alone were not able to interact with the nucleotide. The authors proposed that in the c-di-GMP induced stable complex, PgaD might structurally contribute to the inner membrane PNAG transport channel for which PgaC alone, with only 4 TM helices, would not be sufficient. In the absence of c-di-GMP, however, PgaC and PgaD only interact loosely and the latter is rapidly degraded which would switch off the system (242).      
Fig. 3: C-di-GMP control of different EPS synthesis systems C-di-GMP controlled synthesis steps are shown for different EPS systems. C-di-GMP effectors are colored in green, DGCs and PDEs are colored in blue, c-di-GMP is shown in yellow and the enzymes that polymerize the EPS are marked with a red star. (A) Cellulose synthesis in 
S. enterica is controlled by two effectors: the synthase BcsA with a PilZ domain and the GIL protein BcsE of unknown function. (B) The alginate synthase of P. aeruginosa Alg8 interacts with the PilZ domain protein Alg44 that is required for EPS synthesis. (C) The transmembrane degenerate GGDEF protein PelD of P. aeruginosa is required for Pel synthesis. Several DGCs and a PDE are known to contribute to the c-di-GMP pool that affects Pel synthesis. In addition, c-di-GMP binding to FleQ turns the protein from a negative into a positive transcription factor for the pel operon. (D) For PNAG synthesis in E. coli, the synthase PgaC and the accessory protein PgaD have to bind c-di-GMP together. In addition, their synthesis is controlled by c-di-GMP via an unknown mechanism. (E) The mixed-linked glucan of S. meliloti requires a synthase that binds c-di-GMP via its C-terminus. (F) In L. monocytogenes a transmembrane degenerate GGDEF protein is essential for EPS synthesis. Glc: glucose; GlcNAc: N-acetylglucosamine; Man: Mannuronic acid. Figure based on (243). (Figure on next page ) 
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1.2.4.5 BgsA is the putative synthase of mixed-linked β-glucan A novel EPS mixed-linked (1-3)(1-4)-β-glucan has been described by Pérez-Mendoza and colleagues in Sinorhizobium meliloti (209). This EPS was only produced under lab conditions when c-di-GMP levels were artificially increased. The predicted synthase BgsA was required for EPS production as well as for adhesion on plant roots and showed a wide distribution within the order of Rhizobiales. It shows some similarities with curdlan and cellulose synthases but does not have a PilZ domain. Yet, also BgsA binds c-di-GMP via its C-terminus, suggesting that also this protein is allosterically controlled by the second messenger (244) (Fig. 3E). 
1.2.4.6 Listeria monocytogenes EPS requires a degenerate GGDEF protein Synthesis of the newly described EPS of Listeria monocytogenes is activated by elevated c-di-GMP levels (245). This EPS is cell surface associated and required for 
cell aggregation but not for adhesion to abiotic surfaces. It consists of a β-(1,4)-N-
acetylglucosamine chain that branches into an α-1,6-galactose every other residue (245). Encoded within the EPS synthesis gene cluster (named pssA-E) is the protein PssE that consists of a degenerate GGDEF domain fused to two transmembrane domains. Similar to PelD from P. aeruginosa, PssE binds c-di-GMP and is essential for EPS production. The polymerase of this EPS is probably PssC, which shows around 30% homology to the PNAG N-acetylglucosyltransferase IcaA of Yersinia pestis (245) (Fig. 3F). 
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 Caulobacter crescentus 1.3
C. crescentus is an oligotrophic gram-negative bacterium belonging to the α-proteobacteria and a member of environmental biofouling communities. The cells have a crescentoid shape and grow a narrow cell envelope extension at one pole that is referred to as prostheca or stalk (246). They adhere to surfaces through the very strong holdfast adhesin, an exopolysaccharide (EPS) which is located at the tip of the stalk (247–249). Despite the physical connection of stalk and holdfast, it is assumed that the stalk rather plays a role in nutrition uptake than surface adhesion (250, 251). 
C. crescentus has a biphasic cell cycle (252) (Fig. 4A). With every cell division two distinct cell types are produced: a replication competent sessile stalked cell and a replication incompetent motile swarmer cell. Swarmer cells bear pili and a flagellum and have to differentiate into stalked cells before replication can be initiated (252–254). This motile-to-sessile or swarmer-to-stalked cell (SW-to-ST) transition occurs automatically after a certain time or when the cell senses a surface which leads to immediate holdfast synthesis and attachment (255). As in C. crescentus the motile and sessile lifestyle are coupled to cell cycle it is not surprising that cell cycle control and c-di-GMP signaling are interwoven. 
1.3.1 Cell cycle control Newborn swarmer cells have different buoyancy than stalked cells, which allows isolation of swarmer cells and thus synchronization of cell cultures. Together with the biphasic nature of their cell cycle and the fact that cells replicate their genome only once per cell cycle (256), this makes Caulobacter a widely used and thoroughly studied model organism for cell cycle control.  
1.3.1.1 A cascade of transcriptional regulators drive cell cycle progression Cell cycle control of C. crescentus revolves around several global transcriptional regulators (DnaA, GcrA, CcrM, CtrA, SciP and the MucR paralogs MucRI/II) which target several hundred genes (65, 257, 258) and accessary proteins that are required for their regulation. These global regulators control gene expression often as antagonistic and cell-cycle specific pairs: In S-phase (stalked and early predivisional cells) activity of GcrA/CcrM dominate global transcriptional control, while in G2 phase (late predivisional cells) action of CtrA with SciP and in G1 phase (swarmer cells) 
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action of CtrA and MucRI/II prevail (65, 257, 258). Except for MucRI/II, the other global regulators oscillate during cell cycle (65, 259–263). They activate each other in a cascade like manner, while several positive and negative feedback loops ensure precise timing and robust progression of cell cycle events.  In swarmer cells, CtrA levels are high (260) and the protein represses DNA replication initiation in its phosphorylated form (CtrA-P) (264, 265). CtrA-P mediated replication block is alleviated only when CtrA is dephosphorylated and degraded during SW-to-ST transition (see chapter below). Release of replication block coincides with a peak of DnaA concentration (266). DnaA binding to the origin of replication (Cori) is required for DNA replication (263, 267). In E. coli, DnaA homo-oligomerizes upon DNA binding, which leads to the unwinding of DNA and facilitates assembly of the replisome (268). DnaA competes with CtrA for several overlapping binding sites in the C. crescentus Cori region (264, 267). CtrA degradation and DnaA binding to Cori thus initiate DNA replication. DnaA also activates transcription of gcrA (266) which in turn controls predominantly S-phase genes that harbor methylation sites including 
ctrA (257, 266, 269). Expression of ctrA is controlled by two promoters. The weaker promoter (P1) is only active in early predivisional cells and is negatively controlled by CtrA. Yet, P1 dependent transcription is enough to activate the stronger promoter (P2) which is positively regulated by CtrA itself and reaches maximal activity only in late predivisional cells (270). CtrA targets around 280 sites, including other regulatory genes and genes involved in polar development and cell division (65, 271). It also represses transcription of gcrA thus reducing GcrA levels in later stages of cell cycle and prevents its premature synthesis in swarmer cells prior G1-to-S phase transition (259) and it activates transcription of sciP (65). Together with MucRI/II, SciP exercises temporal control on CtrA activated genes. In G1 and G2 phase SciP represses CtrA targeted S-phase genes and in S-phase MucRI/II represses G1 and G2 phase genes. Yet both global regulators have additional, CtrA independent, regulons (65). Finally, in late predivisional cells CtrA activates transcription of ccrM (260). CcrM is a DNA methyltransferase that methylates adenines contained in GANTC and GATC recognition motives (262, 272). Those motives can be either hemi-methylated (after passing of DNA replication fork) or full-methylated (after remethylation by CcrM). Many promoters contain such differentially methylated motives and are thus predicted to respond either positively or negatively to their methylation state which couples their activity the progression of DNA replication (256, 273–275). The 
Introduction 
26 
promoter of dnaA, for example, is more active in its fully methylated state. Thus it only allows dnaA expression and thereby a new DNA replication initiation when the former replication round is completed (275). On the other hand, the P1-promoter of CtrA is repressed when fully methylated. Transcription and accumulation of this regulator can therefore only begin after the replication fork has passed (276). And finally, also the promoter of ccrM itself contains methylation sites and its activity is repressed in the fully methylated state. This, together with its degradation by the protease Lon (277) limits CcrM activity to the late predivisional cell which allows the resetting of the genomic cell cycle clock and prepares the cell for a new round of replication.   In recent years, researchers have used chromatin immunoprecipitation sequencing (ChIP-seq) and single-molecule, real-time (SMRT) DNA sequencing in order to draw a more complete and global picture of the Caulobacter cell cycle regulon (65, 257, 269, 273, 278, 279). These data, supported by growing genetic and biochemical evidence show a complex, highly interconnected and redundant regulatory network which works robustly and can support a high degree of perturbations (278, 280–284). Yet, confronted with such a complex network, people thrived to identify the essential core components that still drive the system (278, 285). Vandecan and colleagues developed a core-oscillator model for DNA replication which comprises only three players that are essential in C. crescentus: CtrA, DnaA and the response regulator DivK (see chapter below). DnaA and DivK take part in two (indirect) feedback loops that project back to CtrA. The model shows that these players are sufficient to explain the oscillating behavior experimentally observed for all three proteins (285). Accordingly, besides DnaA and CtrA, the other global regulators (GcrA, CcrM, SciP, MucR/II) are not essential for Caulobacter viability (65, 278, 279, 286). In line with this, phylogenetic analysis revealed that within alphaproteobacteria there are several species that do not encode homologs of the antagonistic pair GcrA/CcrM. Interestingly, those species grow very slowly which indicates, that the GcrA/CcrM module brings temporal robustness to the system which is not necessary in a more relaxed cell cycle (278).  
1.3.1.2 Swarmer-to-stalked cell transition is tightly controlled In swarmer cells, DNA replication is repressed by phosphorylated CtrA that binds to the Cori region (264, 265). In order to replicate, the cells release this repression via two interconnected pathways that ultimately lead to both dephosphorylation and 
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degradation of CtrA (202, 207, 287). While the system can support deletion of one branch of the pathway, disruption of both branches is synthetically lethal (207). The single domain response regulator DivK is an essential part of a signal transduction pathway that translates spatial and cell type specific information into CtrA activity by regulating both CtrA phosphorylation and degradation via the CckA-ChpT-CtrA phosphorelay (287–291) (Fig. 4B). DivK is differentially phosphorylated by the bi-functional histidine kinases/phosphatases PleC and the histidine kinase DivJ (289, 292). PleC and DivJ localization patterns change through the cell cycle (293). In swarmer cells PleC occupies the flagellated pole and dephosphorylates DivK (290). When DivK is dephosphorylated, the activity of the polarly localized CckA-ChpT-CtrA phosphorelay is promoted by DivL which leads to phosphorylation of CtrA (287, 294). CtrA-P binds Cori and thus blocks replication initiation (264, 265). During SW-to-ST transition DivJ appears at the stalked pole replacing PleC, while PleC relocalizes to the nascent pole (293). DivJ phosphorylates DivK (292, 295). DivK-P turns PleC from a phosphatase into a kinase, which - together with DivJ - can phosphorylate PleD (288, 296, 297). DivK-P interacts with DivL leading to activation of the CckA phosphatase activity, a process which is further strengthened by c-di-GMP (207, 294) (see chapter: 1.3.2.1). Together, these events lead to a reversion of the CckA-ChpT-CtrA phosphorelay and consequently to the dephosphorylation of CtrA (207, 287, 291). Furthermore, CckA phosphatase activity also promotes dephosphorylation of the CpdR adaptor protein. Unphosphorylated CpdR localizes the ClpXP protease to the stalked pole to enhance binding and degradation of certain substrates, such as CtrA and the phosphodiesterase PdeA. Degradation of PdeA supports upshift of c-di-GMP levels and provides a positive feedback loop that promotes CtrA dephosphorylation and degradation (287, 298–300). CpdR is the first of three adaptor proteins which - in a hierarchical manner - bind ClpXP. Binding of each adaptor requires the presence of the hierarchically former one and changes substrate specificity of ClpXP (300). The last adaptor protein PopA binds c-di-GMP which finally promotes degradation of CtrA by ClpXP (202).       
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Fig. 4: C. crescentus cell cycle and swarmer-to-stalked cell transition (A) C. crescentus has a biphasic cell cycle that follows c-di-GMP oscillations. Replication incompetent motile swarmer cells have low c-di-GMP levels. They transform into replication competent sessile stalked cells when c-di-GMP levels rise. Stalked cells replicate their chromosome and undergo cytokinesis that results in a new swarmer and stalked cell. (B) SW-to-ST transition relies on an upshift of c-di-GMP and the dephosphorylation/degradation of CtrA that is required for replication initiation. The pole determinants PleC and DivJ differentially dephosphorylate and phosphorylate the single-domain response regulator DivK that can, when phosphorylated, reverse direction of the CckA-ChpT-CtrA phosphorelay. This reversion is supported by c-di-GMP that directly binds to CckA and ultimately results in the dephosphorylation of CtrA. Additionally, these processes activate the adaptor proteins CpdR and PopA that bind the protease ClpXP and make it competent for CtrA degradation. Figure based on (207).  
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1.3.2 C-di-GMP signaling in C. crescentus  
C. crescentus encodes 14 GGDEF, EAL or composite proteins (118). Two of which (PopA, TipF) were shown to be enzymatically inactive yet retained c-di-GMP binding capacity and evolved to transmit the c-di-GMP signal to downstream pathways (182, 202). In addition, there are three other c-di-GMP effector proteins described: The PilZ proteins DgrA and DgrB and the kinase CckA (185, 207). All these effectors are either involved in cell cycle progression or regulation of flagellar motility (182, 185, 202, 207). Yet, a strain completely devoid of c-di-GMP (called cdG0 strain), due to the deletion of all GGDEF proteins encoding genes, shows a multitude of defects (no capsule, no pili, no flagellum, no holdfast and no stalk and severe defects in cytokinesis) (118). This implies that there are more effectors to uncover and indeed recent work in our research group has identified a number of additional c-di-GMP binding proteins involved in various processes (29; J. Nesper, V. Shyp, M. Kumar and C. von Arx, personal communication). 
1.3.2.1 Oscillating c-di-GMP levels promote cell cycle progression and 
morphogenesis In accordance with c-di-GMP supporting a sessile lifestyle, its overall levels are low in Caulobacter swarmer cells, rise during SW-to-ST transition and gradually decrease to intermediate levels in stalked cells (118, 301). The dominant player in swarmer cells is the phosphodiesterase PdeA. Upon its deletion cells show an increased ability to colonized surfaces and reduced motility as expected for augmented c-di-GMP levels. PdeA is supposed to counteract the c-di-GMP synthesizing DGC DgcB with which it interacts functionally and physically. Deletion of dgcB has the opposite effect 
of a ΔpdeA mutation and a double deletion can alleviate the single deletion phenotypes to a certain extent (155). During SW-to-ST transition PdeA is rapidly degraded by the action of the ClpXP protease together with the adaptor protein CdpR (155, 300) (Fig. 4B). Concomitant, the DGC PleD is phosphorylated by the stalked pole determinants DivJ and PleC in its kinase mode (288, 302, 303) (see chapter: 1.3.1.2). PleD-P dimerizes, is sequestered to the pole and concurrently activates its DGC activity which leads to a sharp rise in c-di-GMP levels and pole morphogenesis, i.e. flagellum ejection and holdfast formation (296, 302, 304). A PleD mutant is delayed in holdfast synthesis, stalkless and hypermotile (254, 305, 306). Hypermotility arises from its inability to degrade the 
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flagellum MS-ring protein FliF and therefore fails to eject its flagellum (305). Besides morphological changes c-di-GMP also participates in cell cycle progression by changing both stability and activity of the cell cycle regulator CtrA. C-di-GMP switches its effector protein CckA from a kinase into a phosphatase, and thereby affects phosphorylation and thus activity of CtrA (207). C-di-GMP binding to PopA, on the other hand, enables recruitment of CtrA to the ClpXP protease and CtrA degradation (202) (Fig. 4B)(see Chapter: 1.3.1.2).  PleD remains localized at the stalked pole during the entire cell division process (302) where it keeps c-di-GMP levels high (301). In very late predivisional cells, the two cell compartments show distinct c-di-GMP levels: high in the stalked cell compartment and low in the swarmer cell compartment (301). PdeA levels rise in late predivisional cells and stably relocalize to the new swarmer pole, which makes the protein a good candidate to counteract the stalked pole associated PleD and establish a bipartite c-di-GMP distribution (155). Although PleD, DgcB and PdeA seem to be major players in c-di-GMP metabolism, there are indications that also some of the other GGDEF/EAL proteins contribute cumulatively to cellular c-di-GMP levels (118). 
1.3.2.2 Multiple control of flagellum function by c-di-GMP Elevated levels of c-di-GMP repress flagellum function but not assembly. On the contrary, cells with no c-di-GMP do not assemble a flagellum at all, indicating that both flagellum biogenesis and rotation are controlled by the second messenger (118, 155, 182, 185, 303). Furthermore, as mentioned above, efficient flagellum ejection requires PleD which suggest that also this process is controlled by c-di-GMP (305). Biogenesis of the new flagellum takes place in predivisional cells at the pole opposite of the stalk (307). Proper localization is directed by the birth scar protein TipN that localizes to the division plane shortly before cytokinesis and thus marks the new pole after division (Fig. 5). TipN recruits TipF, a degenerate EAL protein (308). The EAL motive of TipF is replaced by the amino acids Glu-Ser-Phe (ESF) that still allow c-di-GMP binding but not hydrolysis. However, when substituting of the Glu to Ala TipF fails to bind c-di-GMP. TipF serves as nucleation hub for inner membrane components (class II) of the flagellum complex (182). In a ΔtipF mutant these proteins are delocalized and consequently no flagellum is built (182, 308). A TipF variant that fails to bind c-di-GMP does not localize and c-di-GMP depletion leads to rapid degradation of the protein, indicating that c-di-GMP is required for TipF localization 
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and stability. No wild-type TipF protein can be detected in swarmer cells. These observations lead to the model that, while TipF serves in predivisional cells as a localization factor at the pole for flagellum assembly, it delocalizes and is rapidly degraded by the protease ClpXP when c-di-GMP levels drop in swarmer cells. This clears the old pole from TipF and allows that the new pole can be marked by freshly synthesized TipF after G1-to-S-phase transition (182). In addition, TipF also indirectly influences expression of several flagellar genes such as the hook encoding flgE. However, expression of flgE is even more reduced in a c-di-GMP depleted strain 
compared to a ΔtipF strain. This indicates that c-di-GMP controls flagellum expression via an additional TipF independent pathway (182, 309).  
 
Fig. 5: Regulation of flagellum synthesis and function by c-di-GMP In C. crescentus flagellum synthesis and function is both positively and negatively controlled by c-di-GMP. The flagellum is assembled in predivisional cells at the new pole opposite of the stalk where TipF is localized and probably prevails a local c-di-GMP trough. TipF is degraded in swarmer cells when c-di-GMP levels are low and the flagellum is functional. During SW-to-ST transition, c-di-GMP levels rise and the flagellum is inactivated and ejected. Flagellum inactivation requires the c-di-GMP effectors DgrA and DgrB. In predivisional cells TipN first localizes to mid cell followed by the c-di-GMP bound TipF. This marks the future new pole and new site of flagellum synthesis after cell division. Figure based on (182).   Flagellum arrest under c-di-GMP high conditions is less well understood. It requires c-di-GMP binding by the two PilZ proteins DgrA and DgrB. While deletion mutants of 
dgrA or dgrB maintained flagellum function even under a high c-di-GMP regime, overexpression of the two proteins leads to a non-motile phenotype independent of c-di-GMP. A DgrA overexpression strain has elevated levels of FliL, a protein required for flagellum rotation, and suppressor mutants restore wild-type FliL protein levels. But how DgrA signaling translates into FliL regulation is not clear (185). 
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1.3.3 Holdfast The polar holdfast adhesin mediates surface adhesion of C. crescentus cells. It adheres to numerous surfaces with different chemical and physical properties and reaches adhesion forces in the micronewton range (249, 310). Its strong adhesive properties, which are even effective in an aquatic environment, makes holdfast an interesting bio-glue with properties relevant for several applications in different industrial fields (77). 
1.3.3.1 Holdfast structure Only little is known about the holdfast’s underlying chemistry. It is an exopolysaccharide which binds wheat germ agglutinin (WGA) (311), a lectin that is specific for homo-oligomers of N-acetylglucosamine (N-GlcNAc) (312). Such oligomers of N-GlcNAc must be structurally important as holdfast loses its functionality upon treatment with chitinases or lysozyme, both enzymes that cleave N-GlcNAc oligomers (311). However Berne and colleagues (310) showed by probing the holdfast’s adhesion force by atomic force microscopy (AFM) that polymers of pure N-acetylglucosamine do not show the same adhesive properties as the C. crescentus holdfast. The holdfast adhesive force increased with contact time. In addition, interaction between holdfast and surface was disrupted in multiple rupture events. Thus, the authors proposed that there must be modifications of the polysaccharide or other components embedded within the polysaccharide matrix which are responsible for the holdfast’s strong adhesive force, probably by forming crosslinks within the holdfast structure but also with the surface interface in a time dependent manner (310). The holdfast adhesin shows a certain degree of elasticity and as it shrinks upon drying it was proposed to have gel-like properties (313, 314). In line with this, Li and colleagues (315) measured holdfast size over time and described its expansion in a two-step process including a rapid but rather short spreading in diameter and a slower and prolonged thickening. Bases on this behavior the authors suggests that the holdfast behaves like a viscous fluid which can rapidly spread on a surface before it cures to a small disc which forms the basis for further deposition of holdfast material (315). 
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1.3.3.2 The holdfast synthesis machinery Despite the uncertainties of the holdfast chemistry, the exopolysaccharide synthesis machinery has been identified and described in recent years. The synthesis machinery core is encodes in two neighboring operons (hfsEFGH and hfsABC) while the anchor proteins are encoded in a separate operon (hfaABD)(66, 316). Synthesis occurs in a Wzy-dependent manner with a cascade of glycosyltransferases that work in concert to polymerize oligosaccharide subunits onto undecaprenyl phosphate (Und-P) lipid anchors at the cytosolic side of the inner membrane. These lipid-linked subunits are then flipped into the periplasm where they are further polymerized and exported (Fig. 6)(66). Four glycosyltransferases involved in holdfast synthesis have been described so far; HfsE, HfsJ, HfsG and CC2277; and all but HfsE were found to be essential for holdfast synthesis (66, 306, 317). The first sugar is added by HfsE, a protein belonging to the family of polyisoprenyl-phosphate hexose-1-phosphate transferases that catalyzes the formation of a phosphoanhydride bond between Und-P and a hexose-1-phosphate (318). Only when hfsE is deleted together with its paralogs, pssY and pssZ, 
C. crescentus loses its ability to synthesize holdfast (66). PssY lies within the capsule synthesis gene cluster (319) and has been shown by Patel and colleagues (318) to have UDP-glucose transferase activity in vitro. Holdfast synthesis could be restored in 
a ΔhfsE ΔpssY ΔpssZ triple mutant upon expression of WcaJ, an E. coli UDP-glucose transferase that initiates synthesis of colonic acid. Although the authors could not show in vitro transferase activity of HfsE and PssZ to any activated sugar tested, these results suggest that the initial sugar added to Und-P in holdfast synthesis is UDP-glucose (318). The recently described glycosyltransferase HfsJ is a member of the WecB/TagA-family and essential for holdfast synthesis although it is not encoded in the holdfast synthesis gene clusters (317). WecB and TagA are involved in enterobacterial common antigen and wall teichoic acid synthesis, respectively, and thought to transfer the second sugar to Und-P anchored saccharides. They are both thought to use UDP-N-acetylmannosamine as substrate suggesting that HfsJ might transfer an activated sugar with similar chemistry (320, 321). HfsH is another protein encoded in the holdfast synthesis operon. It is a polysaccharide deacetylase and has esterase activity in vitro (66, 322). Surface colonization is abolished upon hfsH deletion (66, 322). Yet, in contrast to the holdfast-null phenotype observed for cells with mutated glycosyltransferases, Wan and 
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colleagues (322) could demonstrate that cells deficient in hfsH produce similar amounts of holdfast material, yet it is not anchored to the cell and can be deformed to filaments and washed away under shear stress. In addition, the authors observed enhanced surface colonization upon HfsH overexpression. Therefore, they proposed that the adhesive and cohesive strength of holdfast correlates with its degree of acetylation, which in turn depends on HfsH (322). The Und-P linked oligosaccharides were proposed to be flipped across the membrane by the Wzx-like flipase HfsF and polymerized by the Wzy-like ligase HfsC. Yet, also this step shows some redundancy as only a double deletion of hfsC and a separately encoded flipase hfsI fully abrogate holdfast synthesis (66). The export is thought to be mediated by HfsA, HfsB and HfsD, which are predicted to span the cell envelope (323–325) (Fig. 6). HfsA and HfsB form together the Wzc-like polysaccharide co-polymerase (PCP), which in many other bacteria is formed by a single protein. HfsA comprises the inner membrane and periplasmic domain of PCP and HfsB is a cytoplasmic tyrosine kinase, but several important features for efficient kinase activity are not conserved (323, 325). Some members of PCP proteins are not essential for EPS synthesis and seem only to regulate polysaccharide chain length, yet for many others their exact role in EPS export and polymerization is unknown (325). In C. crescentus holdfast synthesis is abolished in cells lacking HfsA and strongly reduced in cells lacking HfsB. This suggests that their role extends beyond chain length determination (323, 326). Finally, the outer membrane part of the holdfast export complex is thought to be formed by HfsD, a member of the Wza-like outer membrane polysaccharide export protein family (OMX) (66, 325). Based on multiple gene deletion studies, OMX were proposed to play a role in polysaccharide translocation across the outer membrane. Consistent with this, the crystal structure of the E. coli Wza confirmed that the protein forms a barrel like structure that could serve as a translocoon for exopolysaccharides (325, 327). 
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Fig. 6: Model of holdfast EPS synthesis and regulation Holdfast EPS subunits are assembled on a lipid anchor by the combined action of different glycosyltransferases (HfsE (PssY, PssZ), HfsJ, CC2277, HfsG) from UDP-activated saccharides and modified by a deacetylase (HfsH) at the cytosolic site of the inner membrane. The subunits are flipped across the membrane (HfsF), polymerized in the periplasm (HfsC (HfsI) and exported by a membrane-spanning complex (HfsA, HfsB, HfsD). The holdfast is anchored by amyloid-like fiber forming proteins (HfaA, HfaD) that are exported across the inner membrane by the general Sec pathway and across the membrane by HfaB. Holdfast synthesis is repressed by HfiA that binds to the glycosyltransferase HfsJ. HfiA itself is controlled at the transcriptional and post-transcriptional level by various signals. Furthermore, holdfast synthesis requires c-di-GMP that is synthesized and degraded by different PDEs and DGCs. IM: Inner membrane; OM: outer membrane; PG: Peptidoglycan. Figure based on (66, 324)   
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Following holdfast EPS export, the polymer has to be anchored (Fig. 6). The hfaABCD operon responsible for this process was identified in a transposon screen (328, 329). Later studies with clean deletions showed that only cells deficient in hfaA, hfaB or 
hfaD shed their holdfast while a hfaC deletion revealed no phenotype under the conditions tested (330). In agreement with their proposed function in holdfast anchoring, all three proteins were shown to localize to the outer membrane of the flagellar pole in late predivisional cells, where they remain after cell division until they end up at the tip of the stalk alongside with the holdfast after SW-to-ST transition. HfaA and HfaD fail to associate with the outer membrane and are trapped in the periplasm in the absence of HfaB (331). HfaA and HfaB show some similarities with proteins of the curli system, which forms amyloid fimbrial structures that are components of the E. coli and Salmonella enterica biofilm matrix. HfaA also forms very stable high molecular weight (HMW) complexes, which is a hallmark of CsgA, the protein forming the curli amyloid fiber. HfaB shares some similarity with CsgG, which forms the outer membrane pore necessary for CsgA export (331, 332). HfaD also forms a HMW complex, which is, however, less stable as the one formed by HfaA. HfaA and HfaD are sensitive to protease K treatment even when cells are intact, indicating that they are surface exposed. Based on these finding, Hardy and colleagues (331) proposed that HfaB is involved in the export of HfaA and HfaD, while those two proteins form a filamentous structure that is the actual holdfast anchor. However, as the hfaAD double mutant does not phenocopy a hfaB mutant, HfaB likely plays a role in additional holdfast related processes (331). How this anchor actually works is not known. Cells defective in holdfast production but with intact anchor proteins are still able to form rosettes with wild-type cells and are even able to adhere via shed holdfasts to surfaces when co-cultures with holdfast shedding mutants indicating that anchoring is a process that takes place outside of the cell (333, 334).   It has been shown that holdfast production is initiated by flagellum based surface sensing in swarmer cells (255, 306, 335) which implies that the holdfast machinery has to be already assembled in these cells to ensure a rapid response. In line with this, all holdfast related genes tested so far peak in late predivisional cells and for hfsJ and 
pssY it could be shown that the genes are controlled by the master cell cycle regulator CtrA (317, 336). Furthermore, at least for the anchor proteins and HfsD we know that they localize to the pole as soon as they are synthesized (326, 331). Localization of 
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HfsD and HfaB depends on the polar localization factor PodJ and cells deficient in podJ produce very little and mostly delocalized holdfast (326, 331). Furthermore, localization of HfaABD depends on the presence of HfsABD (326, 331). This leads to a model in which PodJ serves as localization factor for the export proteins HfsABD, which in turn recruit the anchor proteins HfaABD. Overexpression of HfsA, HfsB or 
HfsD in a ΔpodJ mutant can rescue the holdfast synthesis defect, indicating that polar localization ensures high enough protein density required to form a functional complex (326). Yet, surface colonization remains deficient when holdfast is delocalized supporting previous findings that function of holdfast, pili and flagellum have to work in concert to ensure proper surface adhesion (255, 306, 326, 335). 
1.3.3.3 Regulation of holdfast synthesis Assembly of the synthesis machinery is not sufficient to initiate holdfast synthesis. This requires c-di-GMP, as cells devoid of this second messenger are unable to produce a holdfast at all and deletion of the diguanylate cyclases pleD and dgcB or the phosphodiesterase pdeA lead to a delayed or premature holdfast synthesis, respectively (118, 155, 306). However, c-di-GMP levels sufficient to activate the holdfast machinery can be reached through an internal or an external signal pathway. The internal signal comes with the inherent cell cycle clock which leads to localization and activation of PleD that actively drives SW-to-ST transition (302, 303) (see chapter: 1.3.1). The external signal is initiated by the sensing of surface, which is a complex process and requires the presence of pili and a functional flagellar motor in order to be efficient (254, 305, 334; I. Hug, personal communication). But also this signal cascade ultimately converges into the production of c-di-GMP probably via activation of DgcB (I. Hug, personal communication). Recent findings have also uncovered two other external inputs that regulate holdfast synthesis via a holdfast synthesis inhibitor called HfiA (317) (Fig. 6). Cells expressing hfiA are not able to produce holdfast and colonize surfaces. HfiA interacts with the glycosyltransferase HfsJ. Mutations in the C-terminus of HfsJ inhibit such an interaction and abrogate the negative effect of HfiA on holdfast production. As expected, expression of hfiA is minimal during SW-to-ST transition when holdfast production starts (317). One part of hfiA regulation goes via the cell cycle transcription factors CtrA and GcrA that act as activators and StaR that acts as repressor of hfiA gene expression. Interestingly, by a yet unknown mechanism, expression of hfiA additionally responds to nutritional input. Expression of hfiA is 
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increased in the absence of peptone which probably signals to the cell that this is not a favorable environment to adhere to and to colonize (317). Furthermore, hfiA expression is reduced when the light sensitive two-component sensory system LovK-LovR is activated (317). LovK is a histidine kinase fused to a LOV photosensory domain and its autophosphorylation and ATPase activity is upregulated by white light (337). HfiA protein levels also depend posttranscriptionally on the chaperone protein DnaK. Eaton and coworkers have shown that HfiA stability is reduced in presence of a truncated, less efficient DnaK chaperone mutant (338). Since DnaK is upregulated in several biofilms (339–345) the authors hypothesized that DnaK might be a measure for stress encountered in biofilms. By stabilizing HfiA, newborn cells would thus less likely form holdfast in such a stressful environment, which assist progeny dispersal (338). These examples demonstrate the ability of C. crescentus to perceive different parameters of its environment and translate those inputs into behavioral outputs, such as holdfast production and attachment.  
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 GNAT proteins 1.4Gcn5-related-N-acetyltransferase (GNAT) proteins belong to a huge and very diverse family of enzymes that catalyze N-acylation reactions on different types of substrates (Fig. 7A, B). More than 300,000 representatives of this family have been identified and they are distributed in all kingdoms of life (346). 
1.4.1 Function and structure of GNAT proteins The first GNAT proteins identified were the histone acetyltransferases, one of which is the eponymous Gcn5 of Saccharomyces cerevisiae (347). They transfer an acetyl group from acetyl-CoA to a lysine of the histone protein and thereby activate gene transcription (348). But also non-histone proteins can be acetylated which usually has a regulatory effect (349, 350). Activity of the Acetoacetyl-CoA synthetase of 
Streptomyces lividans, for example, is controlled via acetylation (351). GNAT proteins can acetylate not only proteins, but also other molecules like antibiotics and metabolites. For instance, a clinically important class of GNATs is formed by the aminoglycoside N-acetyltransferases. They acetylate amino groups of aminoglycosides and thereby reduce the antibiotic’s affinity for the ribosome (346, 352). But GNAT proteins can inactivate also other antibiotic classes. The tabtoxin 
resistance protein acetylates and confers resistance to the β-lactam tabtoxinine (353, 354), while the MccE acetyltransferase inactivates the antibacterial agent microcin (355, 356). Metabolically important are the spermidine acetyltransferases. They are required for homeostasis of the polyamine spermidine and can convert the amino acid proline to arginine (357–359). Also synthesis of the EPS precursor UDP-N-acetylglucosamine involves a GNAT protein that acetylates the saccharide glucosamine-6-phosphate (360, 361). Conversely, an already activated saccharide is used as substrate by WecD of Salmonella enterica which synthesizes the enterobacterial common antigen precursor TDP-N-acetylfucosamine from TDP-fucosamine (362).  
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Fig. 7: N-acylation catalyzed by the GNAT family (A) On top is a general representation of an acyl-moiety with “R” representing an organyl group. Acyl groups that are associated with CoA are depicted in the red square. tRNA is used as a donor for aminoacyl moieties, which is depicted in its general form in the green square. Raa  represents an amino acid side chain. (B) In general, a N-acylation reaction requires an acyl-donor, as depicted in (A) and a free amine of an acyl acceptor molecule. Corrugated lines represents connections to various types of molecules.  In all examples above, an acetyl group is transferred from Coenzyme A (CoA) to an acceptor molecule. However, GNAT proteins are not limited to the transfer of acetyl. In general terms they transfer acyl groups, the hallmark of which is a ketone group that is linked to an organyl group (Fig. 7A). A functionally uncharacterized GNAT protein of 
Mycobacterium tuberculosis was shown to bind succinyl-CoA instead of acetyl-CoA (363). Myristoylation of proteins, which has been implicated in protein-protein and protein-membrane interaction (364), is catalyzed by a GNAT protein that binds myristoyl-CoA (365, 366). Furthermore, the Fem proteins, which are involved in peptidoglycan synthesis of gram-positive bacteria, transfer an aminoacyl from a tRNA donor to the peptidoglycan pentapeptide (367–369) (see chapter below). 
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GNAT proteins have in general a very low sequence homology, however their core fold 
is highly conserved. It consists of a central β-sheet that is surrounded by several α-helixes (Fig. 8A, B). Many GNAT proteins are active as dimers and it has been suggested that dimerization is important, as the catalytic sites often locate to the dimer interface (346, 370). However, the histone acetyltransferase Hpa2 from yeast is a stable dimer that tetramerizes upon acetyl-CoA binding (371). And the very promiscuous aminoglycoside acetyltransferase Eis forms even a dimer of trimers (372).  
 
Fig. 8: Structure core of GNAT proteins (A) Typical topology of two-dimensional structural elements found in GNAT proteins. Green 
arrows represent β-strands and red barrels represent α helixes. Based on (346, 361). (B) Crystal structure of sheep serotonin N-acetyltransferase (PDB: 1L0C (373)), as a representative of the generic GNAT proteins. Colors as in (A) shaded from N-terminus (bright) to the C-terminus (dark). 
1.4.2 Fem proteins have a tandem GNAT fold While many GNAT proteins form dimers or even higher oligomers (see chapter above), there are some protein classes that form an internal dimer consisting of two GNAT domains in tandem (365, 367, 370, 374–376).  One example for these tandem GNAT proteins is the Fem family. They use aminoacyl-tRNA to synthesize a peptide bridge which crosslinks the pentapeptide stems of the N-acetylglucosamine (GlucNAc)-N-acetyl muramic acid (MurNAc) subunits of the peptidoglycan in some gram-positive bacteria (Fig. 9A). Type and length of these additional peptide bridges differ between bacteria (377). But these peptide bridges are not only required for peptidoglycan crosslinking. It has been shown in different fem mutants of S. aureus that also anchoring of surface proteins depends on peptide bridges synthesized by the Fem proteins (378). 
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Fig. 9: Synthesis of peptidoglycan peptide bridges in gram-positive bacteria (A) UDP-MurNAc-pentapeptide is synthesized in the cytosol and then transferred onto the lipid anchor undecaprenyl-phosphate (Lipid I). Addition of GlucNAc completes the disaccharide-peptide subunit (Lipid II) that is flipped over the cytoplasmic membrane (M) and used for polymerization of the peptidoglycan by an enzyme complex with transglycosylation and transpeptidation activity. Insets show synthesis of the peptide chains used to form the peptidoglycan peptide bridges. In W. viridescens synthesis occurs already in the cytosol on UDP-MurNAc-pentapeptide, while in S. aureus the peptide chain is added on Lipid II. Based on (367). (B) Surface representation of FemX of W. viridescens adapted from (379). N- and C-terminal GNAT domain are colored in green and red, respectively. The MurNAc-pentapeptide-aminoacyl-tRNA analogue that lacks most of the tRNA moiety is shown as a stick representation. (C) Proposed reaction mechanisms for FemX that adds an alanine residue to the UDP-MurNAc-pentapeptide. A nucleophilic attack of the lysine of MurNAc-pentapeptide results in a tetrahedral intermediate. The negative charge on the oxygen in this intermediate is stabilized by a lysine of FemX. Based on (379). ( Figure on previous page)  In Weissella viridescens FemX is thought to add an alanine residue to the pentapeptide stem using alanine-charged-tRNA as acyl donor. As a substrate it uses the cytosolic nucleotide-activated precursor UDP-MurNAc-pentapeptide (367). In Staphylococcus 
aureus, on the other hand, a FemX homolog FmhB adds the first glycine residue and FemA is thought to add the second and third glycine residue to the pentapeptide stem. They use LipidII (undecaprenyl-phosphate coupled MurNAc-GlucNAc-pentapeptide) as substrate (367–369, 380). In both, FemX and FemA, the peptidoglycan substrate is accommodated in a cleft between the two GNAT domains but is predominantly bound via residues of the N-terminal portion of the protein (Fig. 9B). But the two proteins have adapted this binding region according to the different natures of their substrates. FemX, which has to accommodate a UDP moiety, exhibits an additional crevice, while FemA, which binds to the lipid linked counterpart that is anchored in the membrane, is more surface accessible in this area (367, 375). In both proteins, the interdomain cleft expands into the C-terminal GNAT domain. This is the region where aminoacyl-tRNA is bound (Fig. 9B). A crystal structure solved for FemX with an analog for alanine-tRNA coupled to UDP-MurNAc-pentapeptide has shown, that the two substrates can be bound in a way that brings the alanine from tRNA and the lysine acceptor from the pentapeptide in close proximity (Fig. 9B). A reaction mechanism has been proposed, which includes a nucleophilic attack by the amine group of the pentapeptide lysine and a tetrahedral reaction intermediate that is stabilized by another lysine of FemX which is highly conserved among different Fem proteins (Fig. 9C) (379). 
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Interestingly, binding of tRNA is not a unique feature of the Fem proteins. Recently, a single domain GNAT protein TacT has been identified in Salmonella and in contrast to the Fem proteins uses tRNA as an acyl-acceptor (381). TacT transfers an acetyl from acetyl-CoA to the aminoacyl moiety of aminoacyl-tRNA and thereby blocks translation and drives cells into a non-growing persister mode that allows them to survive stress situation such as antibiotic treatment (381, 382). 
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 Aim of this thesis 1.5
C. crescentus produces a very strong EPS adhesin in response to both environmental and cell cycle cues that are thought to converge into the c-di-GMP signaling pathway. However, the mechanistic details of how c-di-GMP controls holdfast biogenesis are not understood. This thesis describes a novel c-di-GMP effector protein HfsK that was identified in an unbiased screen for c-di-GMP binding proteins and was implicated in surface adhesion. It is the continuation of my master thesis (383) which focused on the description of the deletion mutant’s phenotype. Here, I aimed to unravel the exact role of HfsK and the underlying mechanism of c-di-GMP binding and control; and tried to connect these findings with holdfast synthesis and adhesive function. 
  
2 Results 
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Statement of my work I performed all experiments shown in the manuscript with the following exceptions: Table 1, Figure 1, Figure 2C, Figure 5E, and Figure S2G-I. Furthermore, following individual experimental steps could not be performed by myself:  c-di-GMP quantification after sample preparation (Figure S3B), SIM image acquisition (Figure 3C, Figure 4B, Figure 5B, Figure S5B), image acquisition in Figure S4F, and programming of the software WHSIT. All experiments shown in chapter: Additional work were performed by myself. All plasmids and strains labeled in Table 2 and Tab. 1 were created by myself (*) or partially by myself (**).  
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 Cohesive properties of the Caulobacter crescentus 2.1
holdfast adhesin are regulated by a novel c-di-GMP 
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2.1.1 Abstract When encountering surfaces, many bacteria produce adhesins to facilitate their initial attachment and to irreversibly glue them to the solid substratum. A central molecule regulating the processes of this motile-sessile transition is the second messenger c-di-GMP, which stimulates the production of a variety of exopolysaccharide adhesins in different bacterial model organisms. In Caulobacter crescentus, c-di-GMP regulates the synthesis of the polar holdfast adhesin during the cell cycle. Yet, the molecular and cellular details of this control are currently unknown. Here, we identify HfsK, a member of a versatile N-acetyltransferase family, as novel c-di-GMP effector involved in holdfast biogenesis. Cells lacking HfsK form highly malleable holdfast structures with reduced adhesive strength that cannot support surface colonization. We present indirect evidence that HfsK modifies the polysaccharide component of holdfast to buttress its cohesive properties. HfsK is a soluble protein but associates with the cell membrane during most of the cell cycle. Coincident with c-di-GMP levels reaching peak concentrations during the C. crescentus cell cycle, HfsK relocalizes to the cytosol in a c-di-GMP dependent manner. Our results indicate that the c-di-GMP mediated dynamic positioning controls HfsK activity leading to its inactivation at high c-di-GMP levels. A short C-terminal extension is essential for membrane association, c-di-GMP binding and activity of HfsK. We propose a model in which c-di-GMP binding leads to the dispersal and inactivation of HfsK as part of holdfast biogenesis progression. 
Importance Exopolysaccharides (EPS) adhesins are important determinants of bacterial surface colonization and biofilm formation. Biofilms are a major cause of chronic infections and are responsible for biofouling on water-exposed surfaces. To tackle these problems, it is essential to dissect the processes leading to surface colonization at the molecular and cellular level. Here we describe a novel c-di-GMP effector, HfsK, that contributes to the cohesive properties and stability of the holdfast adhesin in C. crescentus. We demonstrate for the first time that c-di-GMP, in addition to its role in regulating the rate of EPS production, also modulates the physico-chemical properties of bacterial adhesins. By demonstrating how c-di-GMP coordinates activity and subcellular localization of HfsK we provide a novel understanding of the cellular processes involved in adhesin biogenesis control. Homologs of HfsK are found in 
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representatives of different bacterial phyla suggesting that they play important roles in various EPS synthesis systems. 
2.1.2 Introduction Microorganisms are predominantly surface associated and often grow in complex multicellular structures called biofilm (13, 14). At the same time, they are able to disperse as motile single cells and explore their environment (384, 385). To effectively switch between these fundamentally different lifestyles, many bacteria have evolved regulatory mechanisms that robustly promote cellular processes associated with motility and sessility, respectively. The ubiquitous second messenger c-di-GMP plays a central role in this transition (386). While c-di-GMP interferes with flagellar and pili based motility (173, 387), it stimulates the synthesis of adhesion factors and extracellular matrix components like curli fibers or exopolysaccharides (EPS) (152, 209, 388). A prime example for c-di-GMP mediated control is the production of cellulose, a secreted glucose polymer mediating surface attachment and biofilm stability in many bacteria (149). Cellulose is synthesized and translocated through the cell envelope by the membrane-integral BcsAB complex (389). The synthase BcsA is held in an autoinhibitory state by a gating loop that blocks the access of glucose monomers to the catalytic site and that is released upon c-di-GMP binding (189, 217). Similarly, the synthesis of poly-β-1,6-N-acetyl-glucosamine (PGA) in E. coli requires the simultaneous binding of c-di-GMP to the synthase PgaC and to its co-synthase PgaD to stabilize their interaction and boost their activity (242).  We use Caulobacter crescentus as a model to study the regulatory mechanisms of the motile-to-sessile transition of bacteria. This gram-negative freshwater bacterium has a biphasic cell cycle with an asymmetric division producing a motile, replication inert swarmer (SW) and a sessile, replication competent stalked (ST) cell (247). SW cells are equipped with a flagellar motor and adhesive pili and remain motile for an extended period before differentiating into ST cells. During this process they replace their flagellum and pili with an exopolysaccharide adhesin, the holdfast, which is located at the tip of a cell extension, the stalk. The holdfast, which consists of EPS (311, 313) and additional, undefined components (310, 313, 322), mediates strong and permanent attachment of ST cells to surfaces (66, 334, 335). The holdfast EPS is composed of oligomers of N-acetylglucosamine and is synthesized and anchored by the holdfast synthesis (Hfs) and holdfast anchoring (Hfa) proteins, most of which are 
Results 
52 
encoded in two separate operons on the C. crescentus genome (66, 323, 330). Based on homology models and deletion studies, several glycosyltransferases were predicted to participate in the assembly of a glycosyl-oligomer onto a lipid anchor (66, 306, 317). The sugar moieties were proposed to be chemically modified. For example, HfsH is thought to deacetylate glycosyl subunit(s) of the growing polymer (322). The lipid-linked oligomers are then flipped through the cytoplasmic membrane into the periplasm, further polymerized, and exported to the cell surface (66). Mutants that lack the anchor proteins HfaA, B, or D shed their holdfast. How these proteins contribute to EPS anchoring is not understood (330, 331). 
C. crescentus cell morphogenesis and behavior is regulated by c-di-GMP, the levels of which oscillate through the cell cycle (118, 207). The c-di-GMP concentration is low in SW cells, rises to peak levels during the SW-to-ST cell transition, and later reaches intermediate levels in dividing cells (118, 301). Changes in c-di-GMP concentration are mediated by cell type-specific diguanylate cyclases (DGC) and phosphodiesterases (PDE). While c-di-GMP levels are kept low in SW cells by the PDE PdeA, the c-di-GMP upshift during cell differentiation is mediated by the specific degradation of PdeA (155) and the consecutive activation of PleD, a DGC that is active only in the sessile cell type (127, 302). The upshift of c-di-GMP during cell differentiation leads to the ejection of the flagellum (305), stimulates the assembly of the stalk and prompts the biogenesis of the holdfast adhesin (118). However, how c-di-GMP stimulates these processes has remained unclear. Here we identify the acetyltransferase HfsK as a novel c-di-GMP effector protein that is required for the formation of a cohesive and stably anchored holdfast. Cells harboring an hfsK deletion shed abnormal holdfasts that formed elastic filamentous structures when subject to shear stress. We show that HfsK activity depends on its association with the cytoplasmic membrane. HfsK remains membrane-associated throughout most of the cell cycle but is released into the cytoplasm in a c-di-GMP dependent manner during the SW-to-ST transition coinciding with c-di-GMP reaching peak concentrations and with holdfast assembly. We identify a short 25 amino acid stretch at the C-terminus of HfsK as critical determinant for c-di-GMP binding, membrane association and protein function. Based on our data we propose that c-di-GMP controls HfsK by coupling its activity to its membrane compartmentalization. 
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2.1.3 Results 
CC3689 is a novel c-di-GMP binding protein We have recently described capture compound coupled mass spectrometry technology (CCMS), a biochemical method to isolate c-di-GMP binding proteins (176). Using CCMS we isolated an uncharacterized protein (CC3689) directly from 
C. crescentus cell extracts (Table 1). Structure-based homology searches with HHpred (390) revealed that CC3689 belongs to the Gcn5-related-N-acetyltransferase (GNAT) family, a ubiquitous group of N-acyltransferases that acylates a variety of different substrates, ranging from proteins to polyamines and amino-glycosides (346).  
Table 1: HfsK and CC1244 detection in a CCMS screen for c-di-GMP effectors No. spectral counts of identified peptides  (CCMS experiment/ CCMS competitiona) 
  
Experimentb 
Soluble 
fraction 
Membrane 
fraction 
HfsK 
(CC3689) 
1 9/0 14/5 2 8/0 13/4 3 10/0 14/4        
CC1244 
1 4/0 1/0 2 0/0 2/1 3 0/0 8/3 a Competition experiments were performed in the presence of 1 mM c-di-GMP b 3 independent experiments are indicated using 10 μM 
(soluble fraction) or 8 μM (membrane fraction) c-di-GMP-CC  To confirm binding of c-di-GMP to CC3689, we affinity purified a His-CC3689 fusion protein and used it for isothermal titration calorimetry (ITC). His-CC3689 bound c-di-GMP in a concentration dependent manner with an equilibrium disassociation constant (Kd) of 724 nM and a binding stoichiometry of 2:1 (c-di-GMP:CC3689) (Figure 1A). To test binding specificity, we performed UV-crosslinking assays (5). His-CC3689 binding to 33P-labelled c-di-GMP was effectively outcompeted by the addition of unlabeled c-di-GMP, but not by other nucleotides (Figure 1B). From this we concluded that CC3689 is a bona fide c-di-GMP binding protein.  
  
Figure 1: HfsK specifically binds c-di-
GMP (A) ITC measuring interaction of His-HfsK with c-di-GMP. Heat release upon ligand injection (upper panel), integrated heat plotted against the molar ratio of ligand and protein (lower panel), and the resulting disassociation constant (Kd) are shown. (B) Quantified autoradiographs of 
1 μM purified His-HfsK that has been UV-
crosslinked to 10 μM [33P]c-di-GMP in presence or absence of a 10-fold excess of non-labeled nucleotides to test competition. 
HfsK and its paralogs contribute to C. crescentus surface attachment by 
modifying the holdfast adhesin  
C. crescentus encodes two additional paralogs of cc3689 (cc2278 and cc1244) with sequence identities of around 30%. (Figure S1A, B). While the neighboring genes gave no hints about a possible function of cc3689, cc2278 lies in an operon containing a gene for a predicted glycosyltransferase that is required for holdfast synthesis (306). In addition, when analyzing the genomic context of cc3689 orthologs, we found that many of them cluster with genes predicted to function in EPS biogenesis (Figure S1C). Strains encoding such orthologs belong to different phyla, indicating that the connection of this protein class with EPS synthesis is of ancient evolutionary origin. Interestingly, in three closely related marine species, namely Maricaulis maris, 
Oceanicaulis alexandrii, and Woodsholea maritima (391), orthologs of cc3689 cluster with homologs of C. crescentus holdfast synthesis genes (324) (Figure S1D). Based on these observations and on the results presented below we renamed CC3689 holdfast 
synthesis protein K (HfsK).  
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Figure 2: HfsK deletion leads to an incoherent holdfast that does not support surface 
colonization (A) Surface colonization of wild type (WT) and mutants lacking the hfsK paralog family determined by crystal violet staining of adherent cells after 30 min (dark red bars) and 24 h (light red bars) growth in microtiter plates. Normalized per condition. Error bars = standard deviation (SD) of 3 independent experiments, */**/*** represent P-value <0.1/0.01/0.001. (B) Analysis of holdfast shedding in hfsK and cc2278 mutants as well as in strains that shed 
(ΔhfaB) or form incoherent (ΔhfsH) holdfast. Shown are overlays of phase contrast and fluorescence images of adhered WGA stained holdfast on glass coverslips after 2 h cells adsorption. (C) Holdfasts analyzed under shear stress after 15 h growth in microfluidics channels with constant flow of fresh medium containing OG-WGA. Shown is an overlay of fluorescence and inverted DIC images. Arrowheads point out holdfast filaments. Scale bars in 
panel B and C = 5 μm.  To test whether hfsK or its paralogs cc2278 and cc1244 are involved in holdfast biogenesis, we engineered deletions of all three genes in the chromosome of 
C. crescentus wild-type strain CB15 and investigated surface colonization of the resulting mutant strains as a proxy for their ability to form a functional holdfast. The 
ΔhfsK mutant showed a 90% reduction in surface colonization after 30 min and after 
24 hours of growth as compared to wild type. In contrast, the Δcc2278 mutant showed only minor defects in surface colonization during the initial phase of growth (Figure 2A, Figure S2A). Surface colonization was fully restored when the hfsK and cc2278 mutants were complemented with a wild-type copy of the respective gene in trans, but the two proteins failed to cross-complement each other (Figure S2B). A ΔhfsK Δcc2278 double mutant showed lower surface colonization than the hfsK single mutant 
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indicating additive contributions of both proteins to surface attachment (Figure 2A). Finally, deletion of the third paralog, cc1244, revealed no obvious phenotype alone or in combination with deletions of hfsK or cc2278. However, the ΔhfsK Δcc2278 Δcc1244 triple mutant failed to adhere completely (Figure 2A, Figure S2A).  
In line with the strong surface colonization defect, the ΔhfsK mutant showed a severe reduction in holdfast biogenesis. Upon staining of holdfast with the Oregon-green labeled lectin wheat germ agglutinin (OG-WGA), 63% of wild-type ST cells 
carried a holdfast, whilst only 4% of the ΔhfsK cells were holdfast-positive (Figure S2C). Whereas strains carrying deletions of cc2278 or cc1244 showed normal holdfast formation, holdfast formation was completely abolished in the triple mutant lacking HfsK and its paralogs. 
The observed reduction of ΔhfsK cells bearing an adhesive holdfast could be explained by either a diminished production of holdfast or by defective anchoring and increased shedding of holdfast material (331). To distinguish between these possibilities, wild-type and mutant strains were adsorbed to glass surfaces for two hours before the glass was washed, stained with OG-WGA, and analyzed by fluorescence microscopy. Glass surfaces incubated with the wild-type strain were covered with cells adhering via their holdfasts. In contrast, only few cells of the ΔhfsK mutant remained attached after washing, yet the amount of holdfast material observed was comparable to that of wild type (Figure 2B, Figure S2C). Of note, this is similar to the shedding phenotype observed for a strain lacking the holdfast anchor protein HfaB (330, 331). Cells lacking CC2278 did not shed their holdfast, but 
produced smaller, less intensely stained adhesins. A ΔhfsK Δcc2278 double mutant shed small holdfasts, again indicating that the two proteins affect holdfast properties 
independently. Intriguingly, the Δcc2278 Δcc1244 double and the triple mutant completely failed to adhere to glass (Figure S2C, D). This, and the observation that 
surface colonization of the Δcc2278 Δcc1244 double mutant was barely affected in polystyrene microtiter plates (Figure S2A) indicated that distinct members of this family of proteins might optimize the attachment to different surface chemistry. Mutations in hfsK or its paralogs retained normal surface adherent pili and active flagellar motors (Figure S2E, F), two c-di-GMP dependent cellular appendages that are required for optimal surface attachment (42, 118, 306, 335). Based on these data, we propose that the reduction in surface colonization observed for hfsK, cc2278, and 
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cc1244 mutants can be attributed to defective holdfast biogenesis or, in case of hfsK, possibly holdfast anchoring.  
HfsK contributes to holdfast cohesion and adhesion strength  Recently, Wan and colleagues showed that a mutant lacking the polysaccharide deacetylase HfsH sheds holdfast material that is less cohesive and forms fiber-like structures when exposed to shear forces (322). The authors suggested that the degree of acetylation might be critical for the physical properties of holdfast. Similarly, the N-acyltransferase HfsK might influence the acetylation state of holdfast. To analyze holdfast performance under shear stress, wild type and mutants were grown in a microfluidic device under permanent flow of fresh medium. After overnight growth, individual wild-type cells formed micro-colonies with discrete foci of WGA stained holdfast material at the adherent cell poles (Figure 2C). Mutants lacking HfaB or HfsH were unable to attach but shed compact holdfast structures and faint holdfast fibers, respectively. In contrast, the hfsK mutant formed micro-colonies smaller than wild type with fluorescent trails of abraded, filamentous holdfast structures. Holdfast trails were generated by mutant cells that secreted holdfast material onto the surface while slowly drifting with the medium flow. Some holdfast structures elongated into extended filaments from which cells were dangling for some time before the connection ruptured. Upon rupturing several holdfast filaments bounced backwards like a released rubber band, indicating that the cohesive and elastic properties of the 
holdfast are severely altered in the ΔhfsK mutant. To analyze the adhesive forces of wild-type and mutant holdfast more precisely we used a single cell force spectroscopy (SCFS) approach and Fluidic Force Microscopy (FluidFM) technology. This setup enables single-cell manipulation by combining the precise force control of an Atomic force microscope with a microfluidic device (392, 393) (Figure S2G). Comparison of detachment forces revealed that on average wild-type cells showed approximately 5 times stronger adherence than ΔhfsK cells (Figure S2H). Of note, in several cases cells could not be detached at all and were not included in the analysis. During holdfast biogenesis, dimensions of the secreted structures increase over time (315). Thus, we next compared the adherence of ΔhfsK cells with weaker (young holdfast) and more intense holdfast staining (mature holdfast). Larger holdfasts were indeed more likely to remain surface-bound with ruptures often occurring between the adhesin and the cell body (Figure S2I). These 
results indicated that holdfast from the ΔhfsK mutant, although more fragile and less 
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cohesive, can still gain adhesion strength over time as observed for holdfasts of wild-type cells (310). 
The above experiments argued that holdfasts of ΔhfsK cells, similar to a ΔhfsH mutant, show altered cohesive or adhesive properties. However, it is unclear if the observed changes influence the overall properties of the holdfast material or its anchoring in the cell envelope. In line with the latter, microfluidic experiments 
exposed similar phenotypes for ΔhfsK cells and for mutants lacking the holdfast anchor proteins HfaA or HfaD. When growing ΔhfaA, ΔhfaD, or double mutants in microfluidic devices, trails of WGA-stained material were observed, similar to the 
structures formed by ΔhfsK mutants (Figure 2C). Thus, we asked whether the holdfast 
anchoring process is still functional in ΔhfsK cells. For this we took advantage of the observation that hfs, but not hfa mutants, are able adhere to holdfasts shed by anchor mutants (334). We combined the ΔhfsK with a ΔhfsJ deletion, which completely abolishes holdfast EPS formation (317), and tested co-attachment of these cells with a 
ΔhfaB strain. Deletion of hfsK did not change the co-attachment capacity of the holdfast deficient strain (Figure S2J, Chapter 2.2.1.1), suggesting that this strain produces an intact holdfast anchor. Together these results demonstrate that HfsK contributes to the effective surface adherence of C. crescentus by modulating the cohesive properties of the holdfast material and/or by facilitating the efficient anchoring of the adhesin in the cell envelope that is necessary to withstand strong shear forces. 
C-di-GMP controls HfsK compartmentalization Holdfast production is controlled by c-di-GMP and coincides with an upshift of c-di-GMP levels during the SW-to-ST cell transition (118, 306). From this and from the observation that HfsK binds c-di-GMP, we anticipated that the activity of this protein might be controlled by c-di-GMP during the cell cycle, akin to other c-di-GMP effector proteins (182, 207, 394). Similar to other hfs genes (317), hfsK expression is specific to the late predivisional stage of the cell cycle (395). However, this does not result in significant changes of HfsK protein levels during the cell cycle (Figure S3A). Accordingly, HfsK levels showed only minor changes in engineered strains with different c-di-GMP levels (Figure S3B, C). Thus, c-di-GMP affects HfsK abundance only marginally, making it unlikely that holdfast maturation is controlled by c-di-GMP at the level of HfsK expression or stability. 
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Figure 3: C-di-GMP controls HfsK localization (A-B) HfsK localization in wild-type, rcdG0 (c-di-GMP low), and rcdG0::dgcZ (c-di-GMP high) cells analyzed by cell fractionation followed by immunoblotting. CtrA (cytosolic) and CC0164 (inner membrane) are shown as controls. Cell lysates (L); soluble fraction (S); membrane fraction (M) (A). Quantification of 3 independent cell fractionations showing the fraction of soluble (light red) and membrane-associated (dark red) HfsK. Error bars = SD, */** represent P-value <0.1/0.01 (B). (C) 3D-SIM images of HfsK-eGFP in cells with different c-di-GMP levels. Stained with the membrane dye FM4-64. Arrowhead indicates cells with cytosolic HfsK-eGFP. Scale bar = 2 µm. (D) Quantification of HfsK-eGFP localization on standard fluorescence microscopy images. The ratio of average signal intensity in the membrane and cytosolic compartments is correlated with cell length. Pie chart inset shows the fraction of cells with membrane-associated (ratiomembrane-cytosol>0.7, dark red) or cytosolic (ratio≤0.7, light red) GFP 
signal. n = 250 cells per strain from 2 independent experiments. (E) Time lapse of ΔhfsK Pvan-
hfsK-egfp grown on PYE agarose pads supplemented with rhodamine-WGA and vanillic acid (Van) at 30°C. Cells with dispersed HfsK-eGFP (arrowhead) and the first appearance of holdfast in each cell (asterisk) are indicated. Scale bar = 1 µm. In all panels expression of egfp constructs and dgcZ was induced with 0.55 mM Van and 0.5 mM IPTG, respectively.  Although assembly and maturation of EPS generally occurs in or at the cytoplasmic membrane (50), HfsK is predicted to be a cytosolic protein (396). We used cell fractionation experiments to determine HfsK localization. After ultracentrifugation of cell lysates about 90% of HfsK remained in the soluble fraction, while 10% was retained in the pellet (Figure 3A, B). This indicated that HfsK is at least partially membrane-associated, possibly by binding to an interaction partner in the membrane. In agreement with this idea, HfsK was lost from the membrane fraction when lysates 
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were treated with increasing salt concentrations that are known to disturb such interactions (397)(Figure S4A). Importantly, none of the known inner-membrane components of the holdfast synthesis machinery was required for sequestration of HfsK to the membrane (Figure S4B). To test if membrane-association of HfsK is c-di-GMP controlled, cell fractionation was carried out with a newly constructed strain that lacks all genes encoding diguanylate cyclases and phosphodiesterases (rcdG0) and with the same strain harboring a P lac-driven copy of dgcZ from E. coli (rcdG0::dgcZ), which allows tuning of intracellular c-di-GMP levels. Expression of the DgcZ diguanylate cyclase (241) in this background produced six-fold higher c-di-GMP levels as compared to wild type (Figure S3B). In the rcdG0 strain the fraction of membrane-associated HfsK increased to about 30%, while the rcdG0::dgcZ strain had lost the HfsK protein from the membrane fraction almost entirely (Figure 3A, B). Likewise, when c-di-GMP was added to cell extracts of the rcdG0 strain before fractionation, HfsK primarily localized to the cytosol (Figure S4C). These results indicated that c-di-GMP modulates HfsK membrane interaction with high levels of c-di-GMP promoting its cytosolic state and low levels of c-di-GMP stimulating its association with the membrane. 
HfsK dynamically repositions to the cytoplasm during the cell cycle To more carefully analyze HfsK localization and its association with the cytoplasmic membrane, we expressed a Pvan driven chromosomal copy of hfsK-eGFP in the ΔhfsK strain (Figure S4D). Localization of HfsK-eGFP relative to the membrane was visualized by super–resolution 3D structured illumination microscopy (3D-SIM) after cells were stained with the membrane specific dye FM4-64. While the majority of cells showed peripheral HfsK-eGFP co-localizing with the membrane stain, HfsK-eGFP was dispersed in the cytosol in a subfraction of the population (Figure 3C,D). Of note, with the exception of HfsH, which was reported to be cytosolic (322), all functional mCherry fusions of proteins catalyzing early steps of holdfast biogenesis (Figure S4E) localized to the membrane but lacked the cytosolic subfraction characteristic for HfsK (Figure S4F). To investigate if these changes are driven by c-di-GMP, HfsK-eGFP localization was analyzed in cells harboring different c-di-GMP levels. Strikingly, in the rcdG0 strain HfsK-eGFP showed strong membrane localization in a large majority of the cells, while HfsK-eGFP was entirely cytosolic in the rcdG0::dgcZ strain (Figure 3C, D). Note that the rcdG0 strain constructed in this study shows a similar filamentous 
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morphology like the cdG0 strain lacking all diguanylate cyclases (118). To carefully quantify HfsK-eGFP localization at the single cell level, averages of the fluorescent signal at the cell periphery and in the cytosol were determined and ratios calibrated with soluble eGFP and the membrane dye FM4-64 (Figure S4G). The fraction of cells with membrane-associated HfsK-eGFP ranged from 0% in the rcdG0::dgcZ strain, to roughly 70% in wild-type, and 96% in the rcdG0 background (Figure 3D). Importantly, wild-type cells with membrane-associated HfsK-eGFP included the entire spectrum of measured cell length, while cells with a cytosolic signal were all short. This suggested that HfsK distribution changes during the cell cycle. To test this, time lapse 
experiments were carried out with a ΔhfsK strain expressing HfsK-eGFP. HfsK-eGFP was membrane-associated in newborn SW cells but became cytosolic about 24 min after division and shortly after the appearance of holdfast (Figure 3E, Figure S4H). About 12 min after its dispersal, HfsK-eGFP gradually re-localized to the membrane coincident with cells starting to elongate and divide. These observations indicated that HfsK transiently delocalizes in newly differentiated ST cells coincident with c-di-GMP reaching peak levels during the cell cycle. In line with this idea, HfsK-eGFP failed to discharge from the membrane fraction in a strain lacking PleD, the main DGC responsible for the upshift of c-di-GMP during the SW-to-ST transition (118, 398) (Figure 3D). Together these results demonstrated that HfsK localization is dynamic and indicated that its repositioning to the cytoplasm during SW-to-ST transition is driven by peak levels of c-di-GMP. 
The C-terminus is required for activity and membrane localization of HfsK Despite low sequence homology, GNAT proteins have a remarkably conserved core-fold (346). The closest homolog of HfsK with a solved 3D structure is FemX, an enzyme involved in peptidoglycan synthesis in gram-positive bacteria (367, 399). Both proteins have two GNAT domains in tandem. Sequence comparisons revealed that HfsK has a short C-terminal extension of 25 amino acids that is absent in FemX (Figure S5A). Surprisingly, an eGFP fusion protein with truncated HfsK (HfsKtrnc) that lacks this extension, although being stable, lost its characteristic membrane-association and, in contrast to full length HfsK-eGFP, failed to complement the ΔhfsK phenotype (Figure 4A-C, Figure S4C). HfsK and HfsKtrnc exclusively localized to the membrane when fused to the transmembrane helix of C. crescentus SecE (TM), which is sufficient to restrict reporter proteins to the membrane (400) (Figure 4A, B). 
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However, these proteins harboring the TM from SecE failed to respond to changes in c-di-GMP (Figure S5B). Whereas the TM-tagged wild-type HfsK was fully functional, cells expressing HfsKtrnc did not support surface colonization even if shuttled to the cytoplasmic membrane by the exogenous TM segment (Figure 4C). Thus, the C-terminus of HfsK is required for its membrane localization and for its function. These experiments also indicated that membrane-associated HfsK represents the active species of the protein and that release of HfsK from the membrane at high levels of c-di-GMP might lead to its inactivation.  
 
Figure 4: The C-terminus of HfsK is an important determinant for its localization and 
function (A) Schematic representation of the HfsK-eGFP mutants used in this figure. Amino acid positions are indicated on top. Not drawn to scale. TM = trans membrane domain of SecE. (B) Localization quantification of different HfsK-eGFP mutants expressed by addition of 0.55 mM Van as described in Figure 3D. n = 260 cells per strain from 2 independent experiments. Representative 3D-SIM images for visualization are shown above. Arrowhead indicates cells with dispersed HfsK-eGFP. Note: due to a weak signal intensity of HfsKtrnc-TM the 3D-SIM image recreation resulted in images with high background signal. Scale Bar = 3 µm. (C) Functionality of HfsK-eGFP mutants compared to a wild-type strain harboring the empty vector control (e.v.) in surface colonization after 24 h growth in microtiter plates in presence of 0.1 mM Van. Error bars = SD of 3 independent experiments, **/*** represent P-value <0.01/0.001. 
C-di-GMP drives HfsK to the cytosol but is dispensable for its activity We have shown above that both c-di-GMP and the C-terminus of HfsK are important for the localization of the protein during the cell cycle. This indicated that the C-terminus of HfsK itself could be targeted by c-di-GMP and could contribute to c-di-GMP binding. In agreement with this we found that a StrepII-HfsK fusion lacking the 25 C-terminal amino acids (HfsKtrnc) showed reduced binding of c-di-GMP as compared to wild-type HfsK (Figure 5A). Structural examination of c-di-GMP binding 
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proteins had revealed important roles for arginine residues in ligand binding (114). We thus generated the mutant HfsK(RR352AA) that had two central arginine residues of the C-terminus (Figure S1A) changed to alanine. Similar to the shortened HfsKtrnc, this mutation reduced affinity for c-di-GMP (Figure 5A). To identify residues located in the core region of HfsK that are involved in c-di-GMP binding we compared the sequences of HfsK and its two C. crescentus paralogs. Because HfsK and CC1244, but not CC2278, were identified by CCMS, we searched for arginine residues that are conserved in HfsK and CC1244 but not in CC2278 (Figure S1A). Several of these residues of HfsK (R102, R112, R151, R240 and R267) were substituted with alanine and the resulting mutant proteins were expressed as StrepII-tagged fusions in E. coli. Binding studies with radiolabeled c-di-GMP identified HfsKR112A as the only mutant variant with reduced binding affinity for c-di-GMP (Figure 5A). These results suggested that R112 as well as arginine residues located in the HfsK C-terminus may contribute to c-di-GMP binding.   
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Figure 5: C-di-GMP binding is required for HfsK delocalization but not for HfsK-
mediated surface colonization 
(A) Quantified autoradiographs of 1 μM purified StrepII-HfsK mutants that were UV-
crosslinked to increasing concentrations of [33P]c–di–GMP. (B) Localization analysis of different arginine mutants fused to GFP expressed by addition of 0.55 mM Van. Representative 3D-SIM images for visualization (left panel) and localization quantification as described in Figure 3D are shown. n = 575 cells per strain from 2 independent experiments. Expression of 
dgcZ was induced with 0.5 mM IPTG. Scale bar = 3 µm. (C) Functionality of HfsK arginine mutants compared to a wild-type strain harboring the empty vector control (e.v.) in surface colonization after 24 h growth in microtiter plates in presence of 0.1 mM Van. (D) Analysis of adhered OG-WGA stained holdfast on coverslips after 2 h adsorption of cells. Representative overlays of fluorescence and phase contrast images are shown. Scale bar = 5 μm. (E) Holdfasts of a strain with high c-di-GMP levels analyzed under shear stress after 15 h growth in microfluidics channels with constant flow of fresh medium containing OG-WGA. Shown is an overlay of fluorescence and inverted DIC images. Scale bar = 5 μm. (F) Model of HfsK regulation. General protein localization is represented by red shades. Active HfsK binds to membrane component X in absence of c-di-GMP via its C-terminus. Upon c-di-GMP binding the C-terminus rearranges to accommodate the nucleotide, the protein is inactivated, and disperses in the cytosol. Error bars in panel A and B = SD of 3 independent experiments, ** represent P-value <0.01. ( Figure on previous page)  Importantly, HfsK-eGFP fusions containing point mutations R112A or RR352AA remained membrane-associated even in strains harboring high levels of c-di-GMP, arguing that they no longer respond to the second messenger in vivo (Figure 5B). Functional analysis revealed that the HfsKRR352AA -eGFP fusion protein failed to restore 
the ΔhfsK phenotype, underlining the importance of the C-terminus for protein function. In contrast, expression of the HfsKR112A-eGFP fusion was able to substitute for HfsK in surface colonization and holdfast biogenesis (Figure 5C, D, Figure S5C). Together, these data support a model in which c-di-GMP binding determines HfsK subcellular localization and possibly HfsK activity. Our data are in line with the view that binding of c-di-GMP inactivates HfsK by sequestering the protein away from a membrane associated active conformation. In agreement with this view, we found that unphysiologically high levels of c-di-GMP not only severely reduced surface 
colonization but, akin to the ΔhfsK mutant, changed the cohesive properties of holdfast structures (Figure 5E, Figure S6A-C). The finding that the C-terminus of HfsK is essential for its function and for its subcellular localization and contributes to c-di-GMP binding implies that this part of the protein is the central regulatory hub controlling HfsK dynamics and activity in response to the second messenger. 
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2.1.4 Discussion The second messenger c-di-GMP controls EPS production in a wide range of bacteria by stimulating the activity of glycosyltransferases directly or via adaptor proteins (51, 190, 242, 244). By this means c-di-GMP directly affects the polymerization and secretion rate of EPS across the inner membrane. Here we describe the first c-di-GMP effector, which is not required to adjust the amount of EPS produced, but rather controls EPS adhesin modification and thus changes its physical properties and strength. However, HfsK activity does not seem to depend on c-di-GMP. Rather, our data argue that c-di-GMP affects HfsK negatively, possibly to adjust or coordinate its activity with other processes of holdfast biogenesis. Because cells that lack c-di-GMP are unable to produce holdfast (118), additional c-di-GMP controlled catalytic components must contribute to this process. This example nicely illustrates that c-di-GMP can influence EPS production both quantitatively and qualitatively. Cells lacking HfsK produce normal amounts of holdfast material. However, mutant holdfasts form elastic and abrasive filaments that are unable to withstand strong shear forces, suggesting that they are reduced in cohesiveness and stability. A similar change of the physical properties of the holdfast adhesin was described for mutants deficient in HfsH. HfsH was proposed to deacetylate holdfast EPS precursors and by that unmask amine groups that might serve as holdfast anchoring sites (322). This is consistent with our findings that cells lacking holdfast anchoring proteins HfaA or HfaD display comparable holdfast behavior under shear stress. In contrast to the 
ΔhfaA ΔhfaD double mutant, shed holdfasts of ΔhfaB cells did not deform under shear stress and retained a globular shape. Because HfaA and HfaD are thought to be exported and inserted in the outer membrane by the action of HfaB, these factors should, in principle, behave epistatically. However, similar observations were made by Hardy and colleagues indicating that HfaB likely adopts additional roles (331). For instance, it is possible that HfaB directly contributes to EPS anchoring and that in its absence shedding of the holdfast is unrestrained. Altogether, the similarity of the mutant phenotypes suggested that the putative acyltransferase HfsK, the deacetylase HfsH, and the holdfast anchor proteins HfaD and HfaA, may be part of the same pathway that is required for holdfast anchoring and proper holdfast cohesion – two aspects that seem to be interdependent.  The exact role of HfsK in this pathway remains unclear. The closest homologs with known structure are the Fem proteins of gram-positive bacteria that transfer 
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aminoacyl moieties to peptidoglycan sugar precursors (367, 399). Given the low overall sequence similarity, the functional versatility of GNAT proteins, and their diversity in terms of acyl-donors and acceptors (346), it is difficult to make predictions about the catalytic role of HfsK. It might transfer an acyl group to amines exposed by the action of HfsH (322). Depending on the nature of this acyl group, it could be involved in the covalent linkage of polysaccharide moieties to anchor proteins (378) or participate in electrostatic interactions required for adhesion, cohesion or anchoring. This is in line with the observation that isolated holdfasts from 
a ΔhfsH mutant showed reduced electrostatic interactions with the substrate (310). While we cannot fully exclude that HfsK acylates an anchor protein to provide crosslinking sites, several observations indicated that HfsK chemically modifies holdfast EPS precursors directly. (1) HfsK homologs are genetically coupled to various EPS synthesis systems. (2) Deletion of the paralogs cc2278 and cc1244 affect the adhesin without observable shedding phenotype. (3) Cells lacking HfsK are able to 
adhere to shed holdfasts of a ΔhfaB mutant, indicating an intact anchor mechanism. (4) HfsK co-localizes with other holdfast components involved in EPS precursor biogenesis. This is in contrast to holdfast export and anchoring proteins that localize to the cell pole where holdfast is assembled (326, 330, 331). Based on these arguments, we propose that HfsK acylates the exopolysaccharide component of the holdfast and that this modification is necessary for proper holdfast cohesion and anchoring. HfsK was originally isolated using a c-di-GMP specific capture and was shown to specifically bind c-di-GMP in vitro. The binding affinity of HfsK lies in the sub-micromolar range, which correlates well with the peak concentrations of c-di-GMP during the C. crescentus SW-to-ST differentiation (118, 301). These values are in line with our findings that the protein delocalizes in a c-di-GMP dependent manner coincident with holdfast formation during the cell cycle. HfsK may thus be retained at the cytosolic membrane when c-di-GMP levels are low or intermediate and be transiently released from the membrane during a short period of the cell cycle, when c-di-GMP reaches a high concentration. Our data also suggest that the membrane-associated form of HfsK is catalytically active, while membrane release results in its inactivation. In line with this we found that the c-di-GMP binding mutant R112A permanently localized to the membrane while retaining its activity for holdfast formation. Several observations point to the C-terminus as a central determinant for 
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HfsK localization and catalytic activity. Mutants lacking the C-terminus failed to localize to the membrane and were inactive even when forced to bind to the membrane artificially. Moreover, the C-terminus is also involved in c-di-GMP binding. A mutant lacking two central arginine residues within this region failed to efficiently bind c-di-GMP and remained membrane-associated throughout the cell cycle irrespective of the c-di-GMP concentration. Unlike the R112A mutant, the RR352AA variant was inactive, indicating that this site may be the core of HfsK control. We propose a model, in which the C-terminus of HfsK serves as interaction site for a putative membrane partner (Figure 5F). In this model, membrane tethering is necessary for HfsK activity, while c-di-GMP binding interferes with the tether and leads to delocalization and inactivation of HfsK. Based on our data we envisage that the arginine residues in the C-terminus are involved in c-di-GMP binding and activity of HfsK, offering a simple switch through which c-di-GMP can control conformation, membrane association, and catalytic activity. A FemX-derived structure model of HfsK could provide a molecular frame for this c-di-GMP mediated switch (Figure S6D). Residue R112, which is localized on the surface of one of the GNAT domains, and R352 and/or R353 in the C-terminus might jointly contribute to c-di-GMP binding. Accordingly, ligand binding would provoke the C-terminus to swing back and interact with the GNAT core. To clarify such mechanistic details additional biochemical and structural studies with HfsK and c-di-GMP are needed.  This study represents one of few examples for a c-di-GMP effector protein that is inactivated by ligand binding (197, 207). It remains unclear why HfsK activity would need to be turned off during the cell cycle and why this process is linked to peak levels of c-di-GMP. Given the timing of HfsK delocalization it is possible that it is involved in some early step of holdfast biogenesis, catalyzing a reaction that is detrimental for later steps of holdfast export or maturation. If so, C. crescentus may elegantly use c-di-GMP for a dual control of holdfast biogenesis. During the SW-to-ST transition, when c-di-GMP levels begin to increase, one or several key enzyme(s) may be turned on to initiate holdfast biogenesis. But when c-di-GMP ascents to peak levels, the cell might turn off enzyme(s) that are no longer needed or damaging. Alternatively, HfsK may engage in additional processes. For several holdfast synthesis steps, redundant functional equivalents exist with one copy being encoded in the hfs-operons and its paralog(s) being encoded elsewhere. It was proposed that paralogs may act in other pathways but can contribute to holdfast synthesis due to substrate similarities (66). It 
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is plausible that HfsK interferes with related cellular pathways required for the synthesis of capsule, LPS, O-antigen, or possibly even peptidoglycan. In this case, proper timing of enzyme activity during the cell cycle could help prevent substrate depletion or leakage, thereby providing a rationale for c-di-GMP mediated control. 
2.1.5 Materials and Methods 
Bacterial strains and growth conditions All bacterial strains and plasmids used in this study are listed in Table 2. E. coli strains were grown at 37°C or 30°C under aeration in Luria Broth (LB) medium 
supplemented with the appropriate antibiotic (solid/liquid in μg/ml: kanamycin 
50/30; chloramphenicol 30/20) and the inducer Isopropyl β-D-1-thiogalacto-pyranoside (IPTG 0.3 or 0.75 mM) if required. C. crescentus strains were grown at 30°C under aeration in peptone yeast extract (PYE) or M2 minimal medium supplemented with 0.1% glucose (M2G). Media were supplemented with the appropriate antibiotic (solid/liquid in μg/ml: kanamycin 20/5; nalidixic acid 20/n.a.) or inducer (IPTG 0.2 or 0.5 mM, xylose 0.1%, vanillic acid 0.1 mM or 0.55 mM) if required. Media were solidified by addition of 1.5%, 0.75% or 0.3% agar for regular growth plates, top-agar and, motility plates, respectively. Optical density of cultures was measured at 600 nm (E. coli) or 660 nm (C. crescentus) with a photo spectrometer (Ultrospec 2100 pro, Amersham Biosciences, USA). If required cell cultures were synchronized using density gradient centrifugation as previously described (401). 
Attachment assay For 24-hour attachment assay 5 µl overnight culture were added to 155 µl appropriate medium in a 96 well polystyrene microtiter plate and grown for 24 h under aeration at 30°C. After absorbance was measured at 660 nm to confirm equal growth, the plates were rinsed thoroughly with water and, incubated for 30 min with 180 µl 0.1% (m/V) crystal violet/ 1% Methanol/ Isopropanol. The plates were rinsed again, dried, and the adherent crystal violet was dissolved in 200 µl 20% acetic acid for 15 min shaking at 30°C before absorption at 600 nm was measured. For a 30-min attachment assay, overnight cultures were diluted to an OD660 of 0.06 in fresh medium, grown to an OD660 of 0.3-0.5. Cell numbers were adjusted to an OD660 of 0.3 before 160 µl culture was incubated into 96 well polystyrene microtiter 
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plates and grown for 30 min under aeration at 30°C. Crystal violet staining was done as described above.  
Fluorescence microscopy Cells were harvested in mid-log phase (OD660 0.3 - 0.5) and mounted on 1% agarose pads (Sigma, USA) in water for snap shots or in PYE containing appropriate supplements for time-lapse experiments. For 3D-SIM and time lapse microscopy samples were sealed with highly viscous silicone grease (Sigma Aldrich) to avoid agar shrinking.  Fluorescence, phase contrast (PH), and differential interference contrast (DIC) images were taken with a wide-field DeltaVision Core Olympus IX71 microscope (Applied Precision, USA) with SoftWoRx software and environmental chamber, equipped either with UPlanSApo 100x/ 1.40 oil objective (Olympus, Japan) and a coolSNAP HQ-2 CCD camera (Photometrics, USA) or UPlan FL 100x/ 1.3 and UPlanSApo 100x/1.40 oil objectives (Olympus, Japan) and a pco.Edge sCMOS camera (PCO, Germany). Images with mCherry fusion proteins were taken with a Nikon Ti-E inverted motorized microscope with Perfect Focus System and PlanApo 100x/1.4 Oil Ph3 DM objective lens, SPECTRA × light engine (Lumencore), camera pco.Edge 4.2 (PCO, Germany), and VisiView software (Visitron Systems, Germany). Images showing protein localization were deconvolved using SoftWoRx and Huygens software.  3D-SIM imaging was performed on a microscope system (DeltaVision OMX-Blaze version 4; Applied Precision, USA) equipped with 405, 445, 488, 514, 568, and 642 nm solid-state lasers. Images were acquired using a PlanApoN 60x/1.42 oil objective lens (Olympus) and 4 liquid-cooled sCMOS cameras (pco.Edge, full frame 2560 x 2160; Photometrics). Exciting light was directed through a movable optical grating to generate a fine-striped interference pattern on the sample plane. The pattern was shifted laterally through five phases and three angular rotations of 60° for each z section. Optical z-sections were separated by 0.125 µm. The laser line 488 nm was used for 3D-SIM acquisitions. Multichannel imaging was achieved through sequential acquisition of wavelengths by separate cameras. Raw 3D-SIM images were processed and reconstructed using the DeltaVision OMX SoftWoRx software package (Applied Precision (402, 403)). The resulting size of the reconstructed images was of 512 x 512 px from an initial set of 256 x 256 raw images. The channels were aligned in the image plane and around the optical axis using predetermined shifts as measured using a target lens and the SoftWoRx alignment 
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tool. The channels were then carefully aligned using alignment parameter from control measurements with 0.5 µm diameter multi-spectral fluorescent beads (Invitrogen, Molecular Probes). 
Holdfast and membrane stain To visualize membrane, mid log phase cultures were mounted on 1% agarose in PYE pads supplemented with 0.66 μg/ml FM4-64 dye (Molecular probes, USA). To visualize holdfast, mid log phase cultures were mixed with a final concentration of 1 μg/ml wheat germ agglutinin (WGA) coupled to Oregon green (Invitrogen, USA), incubated for 10 min, and visualized by fluorescence microscopy. For time-lapse microscopy experiments 2.66 µg/ml tetramethylrhodamine-WGA was added into the agarose pads. 
Adherence to glass To visualize adherent holdfast on glass a protocol was adapted from (330). 500µl/well overnight culture were diluted to an OD660 of 0.15 and incubated with round 12 mm borosilicate coverslips (Thermo Scientific, USA) in 24 well polystyrene plates for 2 h at 30°C under aeration. If plasmid induction was required, overnight grown cultures were diluted first 1:10 in medium containing the inducing agent and grown to mid-log phase, before cell numbers were adjusted to an OD660 of 0.15 and added to the coverslips. After incubation, the coverslip side facing upwards was stained for 15 min with 2.5 µg/ml WGA coupled to Oregon green, tetramethylrhodamine, or AlexaFluor®350, rinsed with water, and mounted on 1% agarose pads. Co-attachment experiments were performed on glass coverslips as described above, yet the co-cultured strains were mixed 1:1 to a final OD660 of 0.15 before incubation. For quantification 10 images were taken in random areas and the mean gray value was measured for each using the FIJI software (404). The mean gray value measured on glass slides prepared with the holdfast-minus NA1000 strains was subtracted to correct for background fluorescence. 
Quantification of protein localization Quantitative fluorescent signal measurements of individual cells were performed using a MATLAB based program developed in our group (WHISIT). WHISIT calculated average pixel fluorescent signal intensity for the membrane and cytoplasmic compartments. The membrane compartment was defined to enclose the first four intracellular pixel flanking the cell outline which was computed by Oufti (405) on 
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phase contrast images, whilst the remaining intracellular pixels were defined as cytoplasmic compartment. The WHISIT program is available online at http://ch.mathworks.com/matlabcentral/fileexchange/61676-whisit. 
Microfluidics For the observation of bacteria under flow conditions they were grown in polydimethylsiloxane (PDMS) based microfluidics devices produced as previously described (406), consisting of a single channel of 10 mm length, 40 μm width, and 25 μm height connecting an in- and outlet. Mid-log phase cells were carefully filled into the channel before a constant flow (0.002 μl/s) of PYE medium supplemented with 1 μg/ml Oregon green-WGA was installed to allow growth. If necessary movies were corrected for bleaching using ImageJ Plugin CorrectBleach (V2.0.2, Kota Miura; Curtis Rueden; Mark Hiner; Johannes Schindelin; Jens Rietdorf, Centre for Molecular and Cellular Imaging (CMCI), EMBL Heidelberg, 
[http://wiki.cmci.info/downloads/bleach_corrector]) 
Immunoblots Cells were harvested and normalized in 1x SDS-SB (0.1 M Tris pH 6.8/ 5% Glycerol/ 
0.2% sodium dodecyl sulfate (SDS)/ 1% β-Mercaptoethanol/ 0.025% Bromophenol blue) to the same OD660. Samples were boiled for 5 min at 95°C, separated on 12% SDS-acrylamide gel electrophoreses (PAGE), and transferred onto PVDF-membranes (Immobilon-P, Millipore, USA). Proteins were detected using specific primary polyclonal antibodies (anti-CtrA 1:10,00, anti-CC0164 1:20,000, anti-ClpX 1:10,000, anti-GFP 1:800 (Invitrogen, USA)) and anti-rabbit secondary antibodies coupled to horseradish peroxidase (1:10,000, Dako, Denmark). After incubation with LumiGLO or LumiGLO reserve chemiluminescent substrate (KPL, USA) luminescence was detected using LAS-4000 luminescent image analyzer (Fujifilm, Japan). Immunoblot bands were quantified by measuring mean gray values with FIJI (404, 407). StrepII-HfsK was purified as described below and injected into rabbits to raise polyclonal antibodies, (Josman LLC, USA). The serum was used in a 1:20,000 dilution.  
Cell fractionation 150 ml mid log phase cultures were harvested by centrifugation (8000 xg, 20 min, 4°C) and washed in 50 ml PBS. The pellet was resuspended in 7 ml per gram wet weight CellFrac-Buffer (PBS/ 1x cOmplete mini EDTA-free Protease Inhibitor (Roche)/ 2.5 μg/ml DNAseI (Roche)), lysed using a French- pressure cell press at 
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1 bar (Thermo Electron corporation, USA), and spun to remove cell debris (10 min, 18,000 xg, 4°C). To separate soluble from insoluble proteins, 1 ml of this cleared cell lysate was centrifuged at high speed (1 h, 100,000 xg, 4°C). The supernatant was removed and kept as soluble fraction whereas the pellet was washed in CellFrac-Buffer. The washed pellet was resuspended in 1 ml CellFrac-Buffer and kept as the pellet fraction. Cleared lysate, soluble and pellet fraction were diluted in 5x SDS-SB, boiled for 5 min at 95°C, and further analyzed using immunoblot. 
Protein purification pET28aStrepII plasmids expressing wild-type HfsK and mutant derivatives were transformed into E. coli Rosetta (DE3). Cells were grown at 30°C to an OD600 of 0.6, before the plasmid was induced with 0.75 mM IPTG for 4 h. Cells were harvested and resuspended in 50 mM NAH2PO4 / 300 mM NaCl supplemented with 1 μM Pepstatin / 1 mM DTT / 1x cOmplete mini (Roche) / 2.5 μg/ml DNAseI (Roche) and lysed using a French- pressure cell press at 1 bar. The StrepII-tagged proteins were purified from cleared lysates with Strep-Tactin Superflow plus resins (Qiagen) according to the manufacturer’s protocol and used in the elution buffer or in 20 mM Tris pH 8.5/200 mM NaCl for further experiments.  The pET28aHis-HfsK plasmid was transformed into NiCo21(DE3) cells and grown at 37°C to an OD600 of 0.6. Protein expression was induced with 0.3 mM IPTG and incubation was continued at 22°C overnight. Cells were resuspended in 20 mM Tris pH 8.5/ 0.75 M NaCl/ 3 mM beta-mercaptoethanol/ 0.1%Tween‑20 / 20 mM/ 1mM PMSF/ 1 μm pepstatin supplemented with protease inhibitor tablet (Roche) and disrupted using a microfluidizer (M-110L pneumatic, Microfluidics). Cleared lysate was applied to a 5 ml HisTrap HP column (GE Healthcare) and the His-tagged protein was eluted with a gradient of elution buffer containing 20 mM Tris pH 8.5/ 0.5 M NaCl/ 3 mM beta-mercaptoethanol/ 0.1%Tween‑20/ 500 mM imidazole. The eluted fractions containing HfsK protein were concentrated and injected on a Superdex 200 10/300 GL increase gel filtration column (GE Healthcare) equilibrated with 30 mM HEPES pH 7.4/ 0.3 M NaCl/ 3 mM beta-mercaptoethanol/ 5 mM MgCl2. The peak fractions corresponding to HfsK were collected and the concentration adjusted for ITC experiment.   
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Isothermal titration calorimetry The interaction of HfsK with c-di-GMP was measured with a VP-ITC isothermal titration calorimeter from MicroCal with 13 μM HfsK in the cell and 211 μM c‑di‑GMP in the syringe (buffer: 30 mM HEPES pH 7.4, 0.3 M NaCl, 5 mM MgCl2, and 3 mM beta-mercaptoethanol). All solutions were thoroughly degassed and equilibrated to 22°C before filling into the calorimeter. The first injection of 3 μl was followed by 29 injections of 10 μl and the temperature of the calorimetric cell was maintained at 22°C. The delay between the injections was set to 6‑7 min to ensure complete re-equilibration between subsequent injections. The observed data were analyzed using the MicroCal version of ORIGIN and fitted with the “One binding site model” of ORIGIN. 
UV crosslinking with [33P]c‑di‑GMP 
[33P]c‑di‑GMP was synthesized using [33P]GTP (Hartmann Analytic, Germany) and the diguanylate cyclase DgcZ from E. coli. DgcZ purification and c-di-GMP productions was performed as previously described (123, 241). Crosslinking experiments were performed as described in (125). In short, 1 µM purified protein, an appropriate 
concentration of [33P] c‑di‑GMP, and reaction buffer (50 mM NaH2PO4 pH 6.5/ 200 mM NaCl/ 1 mM DTT or 20 mM Tris pH 8.5/200 mM NaCl/ 1 mM DTT) were mixed and incubated for 10 min at RT. In competition experiments the protein was pre-incubated with unlabeled competitor before [33P]c-di-GMP was added. Samples were irradiated at 254 nm for 3 min at 4°C, mixed with 5x SDS-Sample Buffer, and boiled for 5 min. The samples were separated on 12% acrylamide gels using SDS-PAGE. The gels were dried and exposed to a phosphor screen that was scanned on a Typhoon FLA 7000 imaging system (GE Healthcare). Autoradiogram bands were quantified using FIJI (404, 407) by measuring the mean gray value and binding curves were fitted with GraphPad Prism 6.0. 
SCFS measurements with FluidFM In order to obtain clean substrates for the SCFS experiments, glass dishes (WillCo Wells B.V., The Netherlands) were sonicated in 2-propanol (Scharlau, Spain) and subsequently in ultra-pure water for 10 min at room temperature in a Branson 2210 Ultrasound bath and dried under nitrogen gas stream right before use. Cultures grown overnight in PYE were diluted to an OD600 of 0.001 and together with a final concentration of 0.1 μg/ml Oregon green-WGA were added to the clean glass dishes. 
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SCFS measurements were started right away and could last several hours. Thus, measurements comprise this range of surface contact times for all strains. Preparation and calibration of the cantilever was performed as described earlier (392). Briefly, rectangular, hollow silicon nitride cantilevers containing a hollow pyramid at the free-end (Cytosurge AG, Switzerland) were 36 μm wide, 150 μm long, and had a channel height of 1 μm, resulting in a stiffness of about 2.5 N/m. Circular 300 – 700 nm diameter openings at the pyramidal apex were drilled by focused ion beam after sloping the pyramid’s tip to compensate for the 10° tilt angle of the AFM probe holder (408). Prior to the experiments the probes were plasma-cleaned for 30 s (Plasma Cleaner PDG-32G, Harrick Plasma, USA) and covered with an antifouling coating of 0.5 mg/ml poly-L-lysine (PLL) (20 kDa) that was grafted with poly-ethylene glycol (PEG) (2 kDa) (PLL-g-PEG) (Surface Solution SuSoS AG, Switzerland) in filtered ultra-pure water (409). FluidFM probes were coated from the in- and outside with PLL-g- PEG for 1 h and subsequently washed in filtered PBS for 5 min (410). Cantilever sensitivity was calibrated using software-implemented scripts based on the formalism described by Sader and colleagues (411).  A FluidFM connected via tubing to a pressure controller (Cytosurge AG, Zürich and Nanosurf AG, Liestal, Switzerland) was mounted on an Axio Observer D1 inverted microscope (Carl Zeiss, Jena, Germany). For previously developed FluidFM applications, the probe was directly approached onto adherent cells prior to underpressure based cell immobilization to the cantilever and subsequent cell detachment of the substrate (392, 409). However, a direct approach onto the cell is not possible for C. crescentus, as the flexible parts of the cells are pushed away during the downward movement of the probe. In order to achieve a defined distance above the substrate, the pyramidal tip was approached next to a Caulobacter cell and retracted until the desired separation was achieved. Subsequently, to immobilize the cell to the cantilever, the probe was moved in x-y directions above the target cell and 0.8 atm underpressure was applied for reversible cell immobilization at the pyramidal tip opening. Subsequently the probe, together with the attached cell was retracted at a piezo velocity of 1 μm/s, while forces were recorded. Underpressure was maintained during this process until the bacterium was completely detached from the substrate. Subsequently the bacterium was released from the cantilever by an overpressure pulse of 1 atm. SCFS data were analyzed with SPIP software (Image Metrology A/S, Hørsholm, Denmark). 
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Statistics For statistical comparison, paired t-tests were used if not stated otherwise. Calculations were performed with GraphPad Prism. 
C-di-GMP quantification C-di-GMP was extracted from 20 ml liquid culture of strains harboring a deletion in 
hfsA (holdfast-) and cc00471 (capsule-) to prevent EPS based clogging of the HPLC column. Extraction and quantification was performed as previously described (387, 412). 
Alignments, phylogenetic analysis and structural model Sequence homologs of HfsK were obtained using Blast search (413) (database accessed July 2015) and the phylogenetic tree was computed with Geneious 7.1.7 using global alignment with free end gaps and neighbor joining methodology. The structural model of HfsK was created with the MPI bioinformatics Toolkit (414) using structural homology search with HHpred (390), followed by structure prediction with the build-in modeller function (415). Structure based alignment was adapted from the HHpred structural homology search output and multiple sequence alignments were created using MUSCLE (416). 
Phage and motility assay Phage lysates were prepared based on (417). In short, mid-log phase bacterial culture was mixed with phage lysate, incubated for 10 min at room temperature, mixed with prewarmed PYE top-agar (0.75%) and poured onto a PYE plate. After overnight growth at 30 °C, 5 ml CPB buffer (10 mM Tris pH 7.5/ 1 mM MgSO4/ 1 mM CaCl2) were added and incubated again overnight at 4 °C. The next day, lysed cells were scraped from the plate, mixed with 150 μl chloroform and incubated for 1 h. After centrifugation (5,000 xg, 10 min), another 150 μl chloroform were added to the cleared supernatant to get the phage lysate stock.  To assess phage susceptibility, 200 µl stationary phase culture was mixed with 2.5 ml PYE top-agar (45°C) and poured on top of PYE plates. Onto the solidified agar 5 μl of serial dilutions of phage lysate were spotted. Phage lysates were made in CPB buffer. The plates were incubated for 1 day at 30°C and scanned (ScanMaker i800, Microtek International). To score motility, semi-solid PYE 0.3% agar plates were inoculated with a single colony and incubated for 3 days in a humidified chamber at 30°C. The plates were scanned and colony size was measured using FIJI (404, 407). 
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Construction of plasmids  For pNPTS138-based deletion plasmids roughly 500 bp up-and downstream of the target gene were amplified from genomic CB15 DNA with PCR, cut with restriction enzymes as indicated in Table 2, and ligated at the same time into EcoRI/ HindIII (or in case of pNPTS-Δ2278: SpeI/ EcoRI) cut pNPTS138 vector. In case of pNPTS138-
ΔhfsK and the inner primers (3585/35876) have extensions that are complementary to each other, thus the two fragments were fused using SOE-PCR and primers 8584/3587. The fused products were cut with EcoRI/HindIII and ligated in the likewise cut pNPTS138 vector.  StrepII-fusions were generated using the subcloning vector pET28A-StrepII-MCS which was generated by annealing of two complementary oligonucleotides encoding the strepII tag (primer 3287/3288), followed by restriction enzyme digest with NcoI/ BamHI and ligation into the likewise cut pET28a vector. pKaS105 was generated by amplification of hfsKR352A,R353A from pKaS95 with PCR followed by restriction enzyme digest using primers and enzymes as indicated in Table 2 and ligation into the likewise cut pET28A-StrepII-MCS subcloning vector. pET28strepII-hfsK and pKaS93 were generated by amplification of hfsK and hfsKtrnc from genomic CB15 DNA with PCR followed by restriction enzyme digest using primers and enzymes as indicated in Table 2 and ligation into the likewise cut pET28A-StrepII-MCS subcloning vector. pKaS84 was generated similarly except that in addition SOE-PCR was used to introduce mutation R112A with the mutagenic primers 8890/8891.  pKaS2, pKaS1, pKaS9, pKaS22, pKaS67, pKaS95, pKaS106, pKaS111, pKaS12, pMT687-
hfsK, pKaS113, and pKaS114 were generated by amplification of the gene of interest from genomic CB15 DNA with PCR followed by restriction enzyme digest using primers and enzymes as indicated in Table 2 and ligation into the likewise cut pMT552, pMT590, or pMT697 vector. pKaS77 was generated by using primers 8828/8830 as well as template pMT552 to amplify egfp and primers 8829/8831 as well as the template pNPTS138-hfsK-tm (see below) to amplify secE-tm with a linker region. As Primer 8829 and 8830 have extensions that are complementary to each other, the two fragments were fused using SOE-PCR generating egfp-tm with primers 8828/8831. This was cut with EcoRI and NheI and ligated into the cut pKaS22 vector. pNPTS138-hfsK-tm was generated by amplifying with PCR from genomic DNA the last 
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500 bp of hfsK with primer 4033/8396, tm region of secE with primer 8395/8398 and 500 bp downstream region of hfsK with primer 8397/4036. As the primer pairs 8395/ 8396 and 8397/8398 have extensions that are complementary to each other, SOE-PCR was used to first fuse the hfsK fragment with secE-tm using primers 4033/8398 and then the resulting hfsK-tm fragment with the downstream fragment of hfsK using primers 4033/4036. The resulting product was cut with HindIII and EcoRI and ligated into the likewise cut pNPTS138 vector.   pKaS90 was generated by extracting hfsKtrnc from pKaS67 by restriction enzyme digest with NdeI/ KpnI followed by ligation into the linearized vector pKaS77.  
Table 2: Strains, plasmids and primers Plasmids 
Plasmid Description Source/ 
Reference pET28a KanR, pBR322 based high copy vector with promoter from T7 bacteriophage Novagen pNPTS138 KanR, suicide vector with sacB and oriT, for generation of genomic mutations by allelic exchange D. Alley pMT552 KanR, pVGFPC-2, vanA-Pvan-MCS-egfp; for generating C-terminal egfp fusions inserted in the vanA locus expressed from Pvan or for expression of egfp alone (418) pMT585 KanR, pXGFPC-2, xylX-Pxyl-MCS-egfp; for generating C-terminal egfp fusions inserted in the xylX locus expressed from Pxyl or for expression of egfp alone (418) pMT590 KanR, pXCHYC-2, xylX-Pxyl-MCS-chy; for generating C-terminal mcherry fusions inserted in the xylX locus expressed from Pxyl or for expression of mcherry alone (418) pMT697 KanR, pXCHYN-2, xylX-Pxyl-chy-MCS; for generating N-terminal mcherry fusions inserted in the xylX locus expressed from Pxyl  or for expression of mcherry alone (418) pMT687 KanR, RK2 based low-copy vector with Pxyl  (418) pSRK KanR, pBBR1MCS-2 based high copy vector with P lac (419) pET28strepII-hfsK pET28a plasmid encoding strepII-hfsK this study pKaS93 pET28a plasmid encoding strepII-hfsKtrnc this study* pKaS84 pET28a plasmid encoding strepII-hfsKR112A this study* pKaS105 pET28a plasmid encoding strepII-hfsKR352A, R353A this study** pET28his-hfsK pET28a plasmid encoding 6xhis-hfsK M. Meier pNPTS138-ΔhfsK pNPTS138 derivative for generation of ΔhfsK mutation Y. Cohen pNPTS138-Δ2278 pNPTS138 derivative for generation of Δcc2278 mutation Y. Cohen pKaS110 pNPTS138 derivative for generation of Δ1244 mutation this study* pSA223 pNPTS138 derivative to integrate a P lac driven dgcZ-3xflag into the intergenic region of cc3065 and cc3066 (118) pSA81 pNPTS138 derivative for generation of ΔpdeA mutation (155) pSA156 pNPTS138 derivative for generation of Δcc0091 mutation (118) 
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Plasmid Description Source/ 
Reference pNPTS138-
Δ00471 pNPTS138 derivative for generation of Δccna00471 mutation this study pSA79 pNPTS138 derivative for generation of Δcc1086 mutation (118) pSA90 pNPTS138 derivative for generation of Δcc3148 mutation (118) 
pNPTS138ΔhfaA pNPTS138 derivative for generation of ΔhfaA mutation (331) pNPTS138-ΔhfaB pNPTS138 derivative for generation of ΔhfaB mutation this study 
pNPTS138ΔhfaD pNPTS138 derivative for generation of ΔhfaD mutation (331) pKaS59 pNPTS138 derivative for generation of ΔhfsA mutation this study* pKaS25 pNPTS138 derivative for generation of ΔhfsE mutation this study* pKaS26 pNPTS138 derivative for generation of ΔhfsF mutation this study* 
pNPTS138ΔhfsG pNPTS138 derivative for generation of ΔhfsG mutation (66) 
pNPTS138ΔhfsH pNPTS138 derivative for generation of ΔhfsH mutation (66) 
pNPTS138ΔhfsI pNPTS138 derivative for generation of ΔhfsI mutation (66) pDM25 pNPTS138 derivative for generation of ΔhfsJ mutation D. Meyer pKaS52 pNPTS138 derivative for generation of ΔhfsABCDEFGH mutation this study* 
pNPTS138ΔpssY pNPTS138 derivative for generation of ΔpssY mutation (66) 
pNPTS138ΔpssZ pNPTS138 derivative for generation of ΔpssZ mutation (66) pKaS22 pVGFPC-2 derivative for expression of hfsK-egfp from Pvan this study* pKaS67 pVGFPC-2 derivative for expression of hfsKtrnc-egfp from Pvan this study** pKaS77 pVGFPC-2 derivative for expression of hfsK-egfp-tm from Pvan this study** pKaS90 pVGFPC-2 derivative for expression of hfsKtrnc-egfp-tm from Pvan this study* pKaS95 pVGFPC-2 derivative for expression of hfsKR352A,R353A-egfp from Pvan this study** pKaS106 pVGFPC-2 derivative for expression of hfsKR112A-egfp from Pvan this study* pKaS111 pXCHYC-2 derivative for expression of mcherry-hfsE from Pxyl this study* pKaS112 pXCHYC-2 derivative for expression of mcherry-hfsF from Pxyl this study* pKaS2 pXCHYN-2 derivative for expression of hfsG-mcherry from Pxyl this study* pKaS1 pXCHYN-2 derivative for expression of hfsH-mcherry from Pxyl this study* pKaS9 pXCHYN-2 derivative for expression of hfsK-mcherry from Pxyl this study* pMT687-hfsK pMT687 derivative for expression of hfsK from Pxyl this study pKaS113 pMT687 derivative for expression of cc2278 from Pxyl this study* pKaS114 pMT687 derivative for expression of cc1244 from Pxyl this study* pTB4 pSRK derivative for expression of dgcZ from Plac (118)      
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Strains 
Strain Genotype Description Source/ 
Reference 
E. coli    DH5alpha F- endA1 hsdR17 (rK -mK+) 
glnV44 thi-1 recA1 
gyrA96 relA1 ∆(lacZYA-
argF)U169 deoR 
Φ80dlacZ∆M15)  
High efficiency transformation strain (420) 
DH10B F- mcrA Δ(mrr-hsdRMS-
mcrBC) Φ80dlacZΔM15 
lacX74 endA1 recA1 
Δ(ara, leu)7697 araD139 
galU galK nupG λ- 
Used in conjugations transferring plasmids to C. crescentus with help of MT607 as plasmid donor  Invitrogen 
S17-1 RP4-2, Tc::Mu, KM-Tn7 Used in conjugations transferring plasmids to C. crescentus as plasmid donor  (421) MT607 pRK600 (camR) Conjugation helper strain with F-plasmid   Rosetta (DE3) F- ompT hsdSB(rB- mB-) gal dcm (DE3) pLysSRARE2 (CamR) BL21 derivative; compatible with T7 expression vectors Novagen NiCo21 (DE3) pLys can::CBD fhuA2 [lon] ompT gal (λ DE3) [dcm] arnA::CBD slyD::CBD 
glmS6Ala ∆hsdS λ DE3 = λ 
sBamHIo ∆EcoRI-B 
int::(lacI::PlacUV5::T7 
gene1) i21 ∆nin5 
BL21 derivative; compatible with T7 expression vector; minimizes 
E. coli protein contamination in immobilized metal affinity chromatography 
New England Biolabs 
    
C. crescentus    NA1000 CB15N C. crescentus laboratory strain derived from CB15 (422) CB15 CB15 C. crescentus Wild-type ATCC19089 (248) UJ5990 ΔhfsK Markerless deletion of hfsK in CB15 using pNPTS138-ΔhfsK this study UJ6136 Δcc2278 Markerless deletion of cc2278 in CB15 using pNPTS138-Δ2278 Y. Cohen UJ6237 Δcc1244 Markerless deletion of cc1244 in CB15 using pKaS110 this study* UJ6155 ΔhfsK Δcc2278 Markerless deletion of cc2278 in 
CB15 ΔhfsK using pNPTS138-
Δ2278 
this study* 
UJ6238 ΔhfsK Δcc1244 Markerless deletion of cc1244 in 
CB15 ΔhfsK using pKaS110 this study* UJ6239 Δcc2278 Δcc1244 Markerless deletion of cc1244 in 
CB15 Δcc2278 using pKaS110 this study* UJ6241 ΔhfsK Δcc2278 Δ1244 Markerless deletion of cc1244 in 
CB15 ΔhfsK Δ2278 using pKaS110 this study* UJ7113 ΔhfsK ΔhfsH Markerless deletion of hfsH in 
CB15 ΔhfsK using 
pNPTS138ΔhfsH 
this study* 
UJ9545 ΔhfaA Markerless deletion of hfaA in this study* 
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Strain Genotype Description Source/ 
Reference 
CB15 using pNPTS138ΔhfaA UJ6951 ΔhfaB Markerless deletion of hfaB in CB15 using pNPTS138-ΔhfaB this study* UJ9547 ΔhfaD Markerless deletion of hfaD in 
CB15 using pNPTS138ΔhfaD 
this study* UJ9583 ΔhfaA ΔhfaD Markerless deletion of hfaA in 
CB15 ΔhfaD using 
pNPTS138ΔhfaA 
this study* 
UJ7112 ΔhfsH Markerless deletion of hfaH in 
CB15 using pNPTS138ΔhfsH 
this study* UJ8820 ΔhfsE ΔpssY ΔpssZ Markerless deletion of hfsE, pssY and pssZ in CB15 using pKaS25, 
pNPTS138ΔpssY and 
pNPTS138ΔpssZ 
this study* 
UJ8162 ΔhfsF Markerless deletion of hfsF in CB15 using pKaS26 this study* UJ7847 ΔhfsG Markerless deletion of hfsG in 
CB15 using pNPTS138ΔhfsG 
this study* UJ9470 ΔhfsABCDEFGH ΔhfsI 
ΔhfsJ ΔhfsK 
Markerless deletion of 
hfsABCDEFGH operons, hfsI, hfsJ, and, hfsK in CB15 using pKaS52, 
pNPTS138ΔhfsI, pDM25 and, pNPTS138-ΔhfsK 
this study* 
UJ5100 cdG0; Δcc0655 Δcc0740 
Δcc0857 Δcc0896 ΔdgcB 
ΔpleD Δcc3094 ΔdgcA Markerless deletion of cc0655 cc0740 cc0857 cc0896 dgcB pleD cc3094 dgcA in CB15 (118) UJ8732 rcdG0; (Δcc0091 Δcc0655 
Δcc0740 Δcc0857 
Δcc0896 Δcc1086 ΔdgcB 
ΔpleD Δcc3094 Δcc3148 
ΔdgcA ΔpdeA) 
Markerless deletion of cc0091, 
cc1086, cc3148, pdeA in CB15 cdG0 using pSA156, pSA79, pSA81, and pSA90 
this study** 
UJ8781 rcdG0+dgcZ; (Δcc0091 
Δcc0655 Δcc0740 
Δcc0857 Δcc0896 
Δcc1086 ΔdgcB ΔpleD 
Δcc3094 Δcc3148 ΔdgcA 
ΔpdeA Plac-dgcZ-3xflag) 
Chromosomal integration of Plac driven dgcZ into CB15 rcdG0 using pSA223 this study** 
UJ8877 rcdG0 ΔhfsK Markerless deletion of hfsK in CB15 rcdG0 using pNPTS138-
ΔhfsK 
this study* 
UJ8878 rcdG0+dgcZ ΔhfsK Markerless deletion of hfsK in CB15 rcdG0+dgcZ using pNPTS138-ΔhfsK this study* UJ4463 ΔpleD Markerless deletion of pleD in CB15 (155) UJ9078 ΔpleD ΔhfsK Markerless deletion of hfsK in 
ΔpleD using pNPTS138-ΔhfsK this study* UJ9633 ΔhfsA Δccna00471 Markerless deletion of hfsA and 
ccna0471 in CB15 using pKaS59 and pNPTS138-Δ00471 this study* UJ9634 rcdG0 ΔhfsA Δccna00471 Markerless deletion of hfsA and 
ccna0471 in CB15 rcdG0 using pKaS59 and pNPTS138-Δ00471 this study* UJ9635 rcdG0+dgcZ ΔhfsA Markerless deletion of hfsA and this study* 
Results 
81 
Strain Genotype Description Source/ 
Reference 
Δccna00471 ccna00471 in CB15 rcdG0+dgcZ using pKaS59 and pNPTS138-
Δ00471 UJ7870 ΔhfsJ Markerless deletion of hfsJ in CB15 using pDM25 this study* UJ7871 ΔhfsJ ΔhfsK Markerless deletion of hfsJ in 
CB15 ΔhfsK using pDM25 this study*     
Phages    
ΦCbK  Bacteriophage that uses pili of 
C. crescentus for infection (423) 
ΦCR30  Bacteriophage that uses the paracrystalline surface- layer proteins of C. crescentus as a receptor 
(424) 
 Primers 
Primer Sequence  Restriction 
site 
Used for plasmid 1380 GAATTCTTCGACCGTTCCCAGCCC EcoRI pDM25 1381 GGATCCCGCTGTCCAGACGCTCTA BamHI pDM25 1382 GGATCCTGAGGAACGAACATCTCCGCAG BamHI pDM25 1383 AAGCTTCGACAAGGACGGCCAGAAGGA HindIII pDM25 3287 ATATACCATGGGATGGAGCCACCCGCAGTTCGAAAAAGGATCCAAGCTT n/a pET28strepII-hfsK/ pKaS93/ pKaS84/ pKaS105 3288 AAGCTTGGATCCTTTTTCGAACTGCGGGTGGCTCCATCCCATGGTATAT n/a pET28strepII-hfsK/ pKaS93/ pKaS84/ pKaS105 3300 AAGGATCCCCCATCGAAATCGTCAAAGC BamHI pET28strepII-hfsK/ pKaS93/ pKaS84/ pKaS105 3301 AAGCAAGCTTTCAGTGCAGTCCGCGCAGCA HindIII pET28strepII-hfsK/ pKaS84/ pKaS105 3584 AGAGAAGCTTGCAAGATCACCTCGCCGCGT HindIII pNPTS-ΔhfsK 3585 TTGCCCATCGAAATCGTCAAACTGCTGCGCGGACTGCACTGA n/a pNPTS-ΔhfsK 3586 TCAGTGCAGTCCGCGCAGCAGTTTGACGATTTCGATGGGCAA n/a pNPTS-ΔhfsK 3587 CTCTGAATTCCGCTGTTCGAGCGCATGGCC EcoRI pNPTS-ΔhfsK 3942 AGACGACCATATGCCCATCGAAATCGTCAAAGC NdeI pKaS22/ pKaS67/ pKaS95/ pKaS106/ pKaS9 3943 GTGGTACCTCAGTGCAGTCCGCGCAGCA KpnI pMT687-hfsK 3984 ATATACTAGTATCGTGGTGATAGAGGCTCAC SpeI pNPTS-Δ2278 3985 ATATAAGCTTCTGCAATCGACAGGCCATTCC HindIII pNPTS-Δ2278 3986 ATATAAGCTTGCCTGATGGCGCGCGTCACGG HindIII pNPTS-Δ2278 3987 ATATGAATTCCGGCGACGAGACCGAAGACTG EcoRI pNPTS-Δ2278 4033 GACAAAGCTTTGCTGACCCACCAGACCGAC HindIII pKaS77 
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4036 TAGAATTCTTCGAGCGCATGGCCGAGGC EcoRI pKaS77 4088 GTCCAAGCTTCGACCCCCTGATCGACTG HindIII pKaS110 4089 ATGGTACCCGCATTAGGCCTTAAGCATC KpnI pKaS110 4090 GAGGTACCGGTCTGGCGATGATGGTG KpnI pKaS110 4091 TGAATTCCCTGAGCGATTTCCAGCTT EcoRI pKaS110 4164 CTTAAGGTCATATGCAGCCGGCGATCCATCTTT NdeI pKaS113 4165 ACTGGTACCATCAGGCCTCCGTGTGCTCT KpnI pKaS113 4587 AGACGACCATATGCAGGCCGACCGTATCAAGGT NdeI pKaS114 4596 TCAGGTACCTGAGGAGAGGCTACCGAGG KpnI pKaS114 4726 TAGAATTCGCCTGGAAAAGAAGACCAAG EcoRI pNPTS-Δ00471 4727 ATGGTACCGATCACGTCATTCGGCATTG KpnI pNPTS-Δ00471 4728 CAGGTACCCACTTCCTCTCGGCCCAATA KpnI pNPTS-Δ00471 4729 CATTGAAGCTTGACTGCGAACGATCGCTAGA HindIII pNPTS-Δ00471 5181 GGAATTCGACTTCTATCTAGGGGCTCG EcoRI pNPTS138-ΔhfaB 5182 GAGGTACCTGTGCGCTTGACCATCATTT KpnI pNPTS138-ΔhfaB 5183 GAGGTACCGATATCCGTGATGCTAAGCG KpnI pNPTS138-ΔhfaB 5184 GCTAGAAGCTTTCACGTTGATGTTGTTGCCC HindIII pNPTS138-ΔhfaB 5592 GTGGTACCAGCAGTACTTCCGCGACCT KpnI pKaS52 5593 GGAATTCCAGAGTCCTGTTCGGTCAGC EcoRI pKaS52 5684 GAGATTACCATATGAACGCGCCCGTCAACGA NdeI pKaS2 5685 CCGGTACCGACGGCCTCGCTGTAGAGCG KpnI pKaS2 5686 GAGATTATCATATGCCGATGGAATTCGAGAA NdeI pKaS1 5687 CCGGTACCGAGCCCGATCCGCCGCG KpnI pKaS1 5692 TAGGTACCGTTTTCCCAACGACGAGCAT KpnI pKaS111 5693 TAGAATTCCTAGCGCACGGCGGACCGAT EcoRI pKaS111 5694 TAGGTACCTTCTGGCGCGGCGTCCTCGG KpnI pKaS112 5695 TAGAATTCTCATGCGGCTTGCGCCTTTC EcoRI pKaS112 6119 AGCAGGTACCGTGCAGTCCGCGCAGCAGGT KpnI pKaS22/ pKaS106/ pKaS9 6874 TTAACGGTACCCGCCGGATCCAGCACGCGCG KpnI pKaS26 6875 TTAACAAGCTTCTTCAACAACGAGGCGATTC HindIII pKaS26 6876 CGTTATAGAATTCAAAAGCCCTCGTCGAAGC EcoRI pKaS26 6877 TTAGTGGTACCCGTCGAAAGGCGCAAGCCGC KpnI pKaS26 6878 TTAACGGTACCGCTGGCCCCGATCCCCATCA KpnI pKaS25/ pKaS52 6879 TTAACAAGCTTCGAACCCTCGATACCCTTT HindIII pKaS25/ pKaS52 6880 TTAAAGGAATTCGCCGGTCATGAACTTCAACT EcoRI pKaS25 6881 TTAAAGGTACCGGGGATCGGTCCGCCGTGCG KpnI pKaS25 8373 TGAGGTACCGGTGAGCGCTTTGGTCGCCT KpnI pKaS59 8374 ATTGAAGCTTGACGGTCTGGTCCATGTGC HindIII pKaS59 8375 TGTAAGAATTCCCTTCACCGAAATCTGCAC EcoRI pKaS59 8376 ATCGGTACCGGCACGCTGATCCAGGCGCT KpnI pKaS59 8395 ACGGSTCTAGAGGAAGATCTTGGATCACCTCGGTGATGGT n/a pKaS77 8396 CAAGATCTTCCTCTAGACCCGTGCAGTCCGCGCAGCAGGT n/a pKaS77 
Results 
83 
8397 TCAAGCTGGCGACCGCGGGATAGCGTCTAGAGCATTTTCC n/a pKaS77 8398 GGAAAATGCTCTAGACGCTATCCCGCGGTCGCCAGCTTGA n/a pKaS77  8425 GTGGTACCCTCGGCCACACTGCGGACCC KpnI pKaS67 8828 GAATTCGAACGTTACGCGTC EcoRI pKaS77 8829 GCATGGACGAGCTGTACAAGGGGTCTAGAGGAAGATCT n/a pKaS77 8830 AGATCTTCCTCTAGACCCCTTGTACAGCTCGTCCATGC n/a pKaS77 8831 AGTGGCTAGCCTATCCCGCGGTCGC NheI pKaS77 8890 TGGGTGCGATCGACTTTTGCCACATGATG n/a pKaS84 8891 CAAAAGTCGATCGCACCCACGCCGAGCACGT n/a pKaS84 9216 AGTGAAGCTTTCACTCGGCCACACTGCGGACCC HindIII pKaS93 9432 GTAGGTACCGTGCAGTCCGCGCAGCAGGTCGATGGCGGCCATCGCCTTG KpnI pKaS95 * Plasmid/strain generated by myself **Partial contribution to plasmid/strain construction 
2.1.6 Funding Information This work was supported by an ERC Advanced Research Grant to U.J.; by a Biozentrum PhD program Fellowship for Excellence to K.S.S; and by a grant of the Swiss innovation promotion agency KTI-CTI (11722.1 PFNMNM) to JAV.  
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2.1.7 Supplemental Material 
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Figure S1: Many HfsK orthologs are encoded in exopolysaccharide synthesis clusters (A) Multiple sequence alignment of HfsK with its paralogs. Arginines mutated in this study are indicated with a square and those shown to be involved in c-di-GMP binding are highlighted in red. Fully conserved residues are indicated by a star, strong and weak conservation are indicated by two and one dot, respectively. (B) Sequence identities between the different HfsK paralogs (C) Phylogenetic tree composed of the TOP58 hits of HfsK orthologs search with Blast (413). Colors indicate species that have orthologous genes in a conserved holdfast synthesis cluster (red) or in clusters with genes that do not show a connection with polysaccharide synthesis (green). The different corresponding phyla are indicated. (D) Schematic representation of conserved holdfast synthesis clusters that contain an hfsK orthologous gene in comparison to the holdfast synthesis cluster of C. crescentus. Note: Holdfast synthesis associated HfsK ortholog in M. maris is not under TOP58 Blast hits. gh: glycosylhydrolase, gt: glycosyltransferase. ( Figure on previous page)  
Figure S2: Attachment defect of hfsK mutants is caused by a less adhesive holdfast (A-B) Surface colonization determined by crystal violet staining after 30 min (dark red bars) and 24 h (light red bars) growth in microtiter plates. Normalized per condition. Comparison of the hfsK paralog family with strains that shed (ΔhfaB) and form incoherent (ΔhfsH) holdfast, and the non-adherent C. crescentus NA1000 strain (A). Complementation and cross-
complementation of the surface colonization defect of ΔhfsK and Δcc2278 cells harboring a plasmid borne xylose promoter (Pxyl) driven copy of hfsK or cc2278, or the empty vector (e.v.) alone (B). (C) Analysis of holdfast shedding. Fraction of ST cells from liquid culture with visible OG-WGA stained holdfast was counted (dark red bars). As comparison, fluorescence intensity of adhered WGA stained holdfast on glass coverslips after 2 h adsorption of cells (as shown in Figure 2B and Figure S2D) was quantified (light red bars). (D) Representative images of adhered OG-WGA stained holdfast on glass coverslips after 2 h adsorption of cells. Shown are overlays of phase contrast and fluorescence images. Scale bar = 5 μm. (E-F) Assessing the involvement of HfsK and its paralogs in other c-di-GMP controlled pathways. Quantification of colony size indicative for swimming after 3 days grows on semi-solid agar plates (E). Phage susceptibility was tested by adding serial dilutions of ΦCBK (pili specific) and ΦCR30 (S-layer specific) phage lysate onto a lawn of cells (F). (G) Schematic view of a SCFS using FluidFM. The course of pressure (p) and force (f) is shown over time. Illustrations indicate the SCFS procedure and characteristic cantilever bending. (H) Relative adhesion forces of wild-type and 
ΔhfsK cells grown in PYE medium. 3-5 cells were measured per culture as described in Text S1 and different glass substrates were investigated. For all conditions substrate contact times range from 0.5-6 h. Error bars = SD of 3 independent cultures. (I) Comparison of the detachment breaking point of ΔhfsK cells treated and measured as in panel H. Cells were categorized according to their holdfast intensity: reversibly attached on glass without a visible OG-WGA stained holdfast (no), or attached via a weak or strong fluorescently labeled holdfast indicative for short (minutes) and long (hours) contact time. (J) Co-attachment of holdfast-null 
ΔhfsJ strains with and without an intact hfsK and the holdfast shedding anchor mutant ΔhfaB. Holdfast-null and the shedding strains harbor a plasmid expressing egfp or mcherry from Pxyl. respectively. The strains were mixed 1:1 in PYE supplemented with 0.1% xylose and adsorbed for 2 h on glass slides that were then stained with AlexaFluor350-WGA and washed prior 
microscopy. Scale bar = 5 μm.  In panel A-D Error bars represent SD of at least 3 independent experiments, */**/***/ns represent P-value <0. 1/0.01/0.001/not significant. (Figure on next page ) 
Results 
86 
   
Results 
87 
 
Figure S3: Levels of HfsK do not change during the cell cycle (A) HfsK protein levels of synchronized wild-type cells grown in M2G through one cell cycle analyzed with immunoblot probed with anti-HfsK antibodies. The cell cycle regulated protein CtrA is shown as a control. (B) Measurement of c-di-GMP concentrations of wild-type cells, cells that have no c-di-GMP metabolism (rcdG0), and cells with elevated c-di-GMP levels (rcdG0::dgcZ). Expression of dgcZ was induced by addition of 0.5 mM IPTG. Error bars = SD of 3 technical replicas. (C) Impact of c-di-GMP on HfsK homeostasis. HfsK protein levels analyzed with immunoblot in wild-type, rcdG0, and rcdG0::dgcZ (induced with 0.5 mM IPTG) cells. ClpX is shown as loading control. Quantification of immunoblots of 4 independent experiments is shown below. Error bars = SD, */** represents P-value <0.1/0.01.   
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Figure S4: Membrane-association of HfsK depends on electrostatic interaction but not 
with the holdfast synthesis machinery (A) HfsK localization analyzed by cell fractionation followed by immunoblotting. The cytosolic protein CtrA and the inner membrane protein CC0164 are shown as controls. Cell lysates (L); soluble fraction (S); membrane fraction (M). Wild type cell lysates were supplemented with increasing concentrations of NaCl to disrupt potential electrostatic interactions. (B) Comparison of HfsK-eGFP localization in ΔhfsK cells and ΔhfsK cells lacking the entire holdfast 
synthesis machinery (ΔhfsABCDEFGHIJ) grown in presence of 0.55 mM Van. Localization quantification was done as described in Figure 3D. A minimum of 720 cells from two independent experiments was analyzed per strain. (C) HfsK localization analyzed by cell fractionation followed by immunoblotting using the same controls as in panel A. C-di-GMP concentrations were enhanced in the rcdG0 strain by supplementing all buffers with 10 µM c-di-GMP or by additionally expressing dgcZ form Plac by addition of 0.5 mM IPTG in addition to c-di-GMP supplementation in buffers. (D) Immunoblot of all HfsK-eGFP fusion constructs used in this study probed with anti-GFP and anti-HfsK antibodies. Degradation bands correspond to a truncation within the eGFP protein that leads to a complete loss of fluorescent signal (425) and thus does not impact microscopy analysis. (E) Functionality of mCherry fusions compared to a wild-type strain harboring the empty vector control (e.v.) in a surface colonization assay scored after 24 h growth in microtiter plates in presence of 0.1% xylose. Error bars represent SD of 3 independent experiments, */*** represent P-value <0. 1/0.001 calculated with an unpaired t-test. (F) Localization of early holdfast synthesis proteins compared to HfsK, all fused to mCherry and expressed from Pxyl  by addition of 0.1% xylose in the respective deletion background. Representative fluorescence microscopy images are shown. Scale bar = 10 µm. (G) Ratio of average membrane and cytosol signal. EGFP expressed from Pxyl in wild-type cells with 0.1% xylose is used as cytosolic marker and the membrane dye FM4-64 is used as membrane marker. Pie charts show that with the arbitrary set threshold of 0.7, 100% of all GFP and FM4-64 signals are categorized as cytosolic and membrane associated, respectively. (H) Localization of HfsK-eGFP in ΔhfsK Pvan-hfsK-egfp grown on PYE agarose pads containing 0.55 mM Van. New born swarmer cells (cell division = 0 min) were followed through one cell cycle. Localization was quantified as described in Figure 3D for 32 cell originating from 2 independent experiments were analyzed. ( Figure on previous page)  
Figure S5: HfsK localization depends on its C-terminus (A) Alignment of HfsK with FemX of Weissella viridescens based on structure prediction. Quality of conservation is indicated (very low = ; low - ; neutral . ; high + ; very high |). The C-terminal amino acids that were deleted in the HfsKtrnc mutant are highlighted with a red line. (B) Localization of Pvan-HfsK-eGFP mutants expressed as sole copy of HfsK in the wild-type, rcdG0, and rcdG0+dgcZ (+ 0.5 mM IPTG) background by addition of 0.55 mM Van. Representative 3D-SIM images are shown in the upper panel. The lower panel shows localization quantification as described in Figure 3D. A minimum of 255 cells from two 
independent experiments was analyzed per strain. Scale bar = 3 μm. (C) Quantification of fluorescence intensity of adhered rhodamine-WGA stained holdfast of R-mutant strains on glass coverslips after 2 h adsorption. Error bars = SD of 3 independent experiments.  (Figure on next page ) 
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Figure S6: High c-di-GMP levels cause holdfast shedding and a severe surface 
colonization defect (A) Surface colonization of a strain expressing dgcZ from a high copy number plasmid or harboring the empty vector (e.v.) control determined by crystal violet staining after 24 h growth in the presence of 200 μm IPTG in microtiter plates. (B) Amount of shed holdfast quantified on fluorescence microscopy images taken of mid-log phase cultures that were stained with OG-WGA and directly spotted on agarose pads. The number of the total number of assigned holdfasts is indicated (n). (C) Analysis of adhered OG-WGA stained holdfast on coverslips after 2 h adsorption of cells. Representative fluorescence and phase contrast images 
are shown. Scale bar = 5 μm. (D) Structural model of HfsK based on FemX (PDB ID 3gkr). Colors show N-terminal GNAT-domain (red) and C-terminal GNAT-domain (green). As the HfsK protein is longer than FemX the C-terminus appears unstructured in the model. C-terminal helical stretches predicted separately by Jpred (426) are colored in blue. Arginines involved in c-di-GMP binding are highlighted in purple. Error bars in panel A and B represents SD of 3 independent experiments, */**/*** represent P-value <0.1/0.01/0.001.   
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 Additional work 2.2This chapter comprises additional data concerning HfsK, its homologs and the control of holdfast synthesis by c-di-GMP that are beyond the scope of the publication manuscript. 
2.2.1 Additional results 
2.2.1.1 Cells deficient in hfsK can synergistically adhere with a ΔhfaB strain Deletion mutants of the holdfast anchor genes hfaA and hfaD have a very similar phenotype as an hfsK mutant (Manuscript Figure 2). This lead to the hypothesis, that not the holdfast EPS but the anchor structure might be affected by an hfsK deletion. Ong and colleagues (334) could show in C. crescentus CB2 that a holdfast deficient strain with an intact anchor can adhere to shed holdfast when co-cultured with a holdfast shedding mutant (Fig. 10).  
 
Fig. 10: Concept of synergistic adhesion Wild type cells have a holdfast anchor and produce the holdfast adhesin. Both, holdfast mutants (red) and anchor mutants (green) cannot adhere, yet anchor mutants deposit shed holdfast on the surface. When grown together, holdfast mutants can adhere via their intact anchor to shed holdfasts of the anchor mutant.  This experiment was repeated in C. crescentus CB15 with strains harboring a single copy plasmid either expressing mcherry (holdfast mutants) or egfp (anchor mutants). As proof of principle, a strain lacking the glycosyltransferase HfsJ was used as a holdfast mutant and a strain lacking HfaB as an anchor mutant. When grown alone on glass slides, both strains failed to adhere to the glass after washing. In comparison, wild type cells expressing either fluorophore nearly covered the entire glass (Fig. 11). 
However, when ΔhfsJ and ΔhfaB cells were grown together, there was a number of 
mCherry expressing ΔhfsJ cells found adhered to the glass, indicating that they can 
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synergistically adhere (Fig. 11, green box). Of note, as already reported by Ong and colleagues (334), synergistically adhering cells did not reach the adhesion level of wild type cells, indicating that these events are rather rare. 
To test whether in ΔhfsK cells the holdfast anchor is defective we combined this deletion with a ΔhfsJ mutation in order to assure that the strain does not produce holdfast itself. If this double mutant can synergistically adhere together with a ΔhfaB strain, this would indicate that the anchor is still intact. In line with this, we could readily detect mCherry positive ΔhfsJ ΔhfsK cells, when they were grown together with a ΔhfaB strain expressing gfp (Fig. 11, green box). The ΔhfsJ ΔhfsK strain grown alone failed to adhere (Fig. 11). Vice versa, if a ΔhfsK mutation solely affects the holdfast anchor, one would expect that holdfast deficient ΔhfsJ cells could adhere not only to the shed holdfasts of a 
ΔhfaB strain but also to shed holdfasts of a ΔhfsK strain. However, when mixing an 
egfp expressing ΔhfsK strain with a mcherry expressing ΔhfsJ strain, we could not 
detect any adherent mCherry positive ΔhfsJ but only some eGFP positive ΔhfsK cells that were also visible when growing the ΔhfsK strain alone (Fig. 12, green box). This shows that holdfasts shed by ΔhfsK cells do not support surface adhesion even for cells with an intact anchor complex. 
Together, these results suggest that ΔhfsK cells have an intact holdfast anchor and that the holdfast structure itself is altered. 
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Fig. 11: Holdfast-deficient ΔhfsK cells can participate in synergistic adhesion Synergistic adhesion shown with phase contrast (PH) and fluorescence microscopy images of washed glass slides after 3.5 h adsorption of mcherry expressing holdfast- anchor+ ΔhfsJ strain or holdfast- anchor? strain ΔhfsJΔhfsK together with the egfp expressing holdfast shedding anchor- strain ΔhfaB (green box). All strains alone and wild-type cells expressing eGFP or 
mcherry (CHY) are shown as controls below. Fluorophore expression was induced with 0.1 % xylose. Holdfast was stained with WGA-Alexa Fluor ®350. 
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Fig. 12: Shed holdfasts of ΔhfsK cells do not support synergistic surface adhesion Synergistic adhesion shwon with phase contrast (PH) and fluorescence microscopy images of washed glass slides after 3.5 h adsorption of the mcherry expressing holdfast- anchor+ ΔhfsJ strain together with the egfp expressing holdfast shedding strains ΔhfaB (anchor-) or ΔhfsK (green box). All strains alone and wild-type cells expressing egfp or mcherry (CHY) are shown as controls below. Fluorophore expression was induced with 0.1 % xylose. Holdfast was stained with WGA-Alexa Fluor ®350. 
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2.2.1.2 HfsK overexpression affects C. crescentus attachment and growth Deletion of hfsK results in shedding of less cohesive holdfast structures and reduced attachment (Manuscript Figure 2, Figure S2). Next, it was tested whether overexpression of hfsK would have an adverse effect. Expression of hfsK from Pxyl on a low copy vector had no effect on surface colonization after 24 h growth. However, surface colonization after 30 minutes incubation was reduced to 80 % compared to wild-type cells harboring the empty vector (Fig. 13A, B).  
 
Fig. 13: HfsK overexpression from a low copy plasmid affects surface adhesion (A) Immunoblot probed with anti-HfsK antibodies showing HfsK protein levels of wild-type cells harboring a low copy plasmid (pMT687) expressing hfsK from Pxyl or the empty vector control (e.v). (B, C) Surface colonization determined by crystal violet staining after 30 min (dark red bars) and 24 h (light red bars) growth in microtiter plates for cells expressing hfsK from pMT687 in a wild-type background (B) or a strain with elevated c-di-GMP levels due to P lac::dgcZ expression induced with 1 mM IPTG (C). Normalized per condition. (D) Analysis of holdfast shedding in a strain expressing hfsK from pMT687. Shown are overlays of phase contrast and fluorescence images of adherent WGA-OG stained holdfast on glass coverslips after 4 h cell adsorption. (E) Growth of wild-type cells expressing hfsK from pMT687 and e.v. control in microtiter plates determined by measuring optical density. In all panels expression of hfsK was induced with 0.1 % xylose. Error bars represent SD of 2 (B, 24h), 3 (B, 30min) and 4 (C) independent experiments, */** represent P-value <0.1/0.01  
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A possible explanation for this slight surface colonization defect could be that there is not enough c-di-GMP to sequester HfsK away from the membrane during SW-to-ST transition when HfsK levels are elevated. To test this hypothesis, surface colonization was assessed in a strain lacking pdeA and in addition expressing dgcZ to reach elevated c-di-GMP levels (118). But also when HfsK was overexpressed in this background, surface colonization decreased to 80 % of the empty vector control (Fig. 13C). In contrast to the hfsK deletion phenotype, reduced surface colonization in the overexpression strain was not due to holdfast shedding as there were no shed holdfasts detectable after cell were adsorbed to glass nor were the adhered holdfast different in size compared to the empty vector control (Fig. 13D). Reduced surface colonization could also not be attributed to a growth defect as a strain expressing HfsK from the low-copy vector did show similar growth kinetics as the empty vector control (Fig. 13E). It has to be mentioned, however, that when HfsK was overexpressed from a high copy vector growth on agarose plates was nearly abolished (Fig. 14). These results show that elevated HfsK levels negatively affect cells in a manner that goes beyond a pure holdfast defect.  
 
Fig. 14: HfsK overexpression from a 
high copy plasmid abolishes growth Growth on PYE agarose plates supplemented with 5 μg/ml gentamycin of wild-type cells expressing hfsK form Pxyl  on a high copy vector (pMT463) or harboring the empty vector control (e.v.) under inducing (0.26 % xylose) or repressing (0.26 % glucose) conditions. 
2.2.1.3 Interspecies complementation of HfsK orthologs is not possible Orthologs of HfsK are encoded in conserved holdfast synthesis gene clusters of 
M. maris, O. alexandrii and W. maritima (Manuscript Figure S1D). This observation lead to the question of how similar these proteins are in function and thus whether they are able to rescue a ΔhfsK phenotype. While the orthologous hfsK gene of M. maris could not be successfully cloned, the corresponding genes of O. alexandrii and 
W. maritima were fused to a C-terminal 3xflag tag and successfully expressed from a low copy plasmid in C. crescentus ΔhfsK cells (Fig. 15A). However, surface colonization 
Results 
99 
was indistinguishable from a ΔhfsK mutant harboring an empty vector control (Fig. 15B). The C-terminal 3xFlag-tag could disturb the functionality of the proteins, but at least in case of HfsK this is not the case (Fig. 15C). Thus, these results indicate that HfsK of C. crescentus and its orthologs are functionally different and not interchangeable.   
 
Fig. 15: Interspecies complementation of HfsK orthologs (A) Immunoblots probed with anti-Flag antibodies to verify expression of 3xflag-tagged HfsK orthologs from W. maritima (HfsKWm) and O. alexandrii (HfsKOa). (B) Interspecies 
complementation of a ΔhfsK mutation in surface colonization determined by crystal violet staining after 24 h growth in microtiter plates for cells expressing hfsK and its orthologs in comparison with the empty vector controls (e.v.). Error bars represent SD of 2 independent experiments. (C) Functionality of a C-terminally Flag-tagged HfsK tested in a 24 h surface colonization assay. Error bars represent SD of 6 colonies tested in one assay. In panels (A) and (B) gene expression was induced by addition of 0.1 % xylose.   
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2.2.1.4 C-di-GMP binding determinants are partially conserved among HfsK 
orthologs HfsK was clearly shown to bind c-di-GMP, yet preliminary data suggest that at least its paralog CC2278 does not bind c-di-GMP. This raises the question whether the HfsK orthologs encoded in other organisms are also potentially able to bind the nucleotide or whether this trait evolved in C. crescentus only.  All strains that encode an HfsK ortholog listed by Chou and Galperin (114) encode several c-di-GMP related genes and in all but one of the non-listed strains the presence of at least one GGDEF domain protein with conserved GGDEF motive was manually confirmed using Blast (413) (data not shown). This suggests that all organisms that encode HfsK orthologs rely on c-di-GMP signaling. The arginines R112 and R352/R353 were identified to be important for c-di-GMP binding of HfsK (Manuscript Figure 5A). To assess their conservation among the HfsK orthologs a structure based alignment was computed using the PROMALS3D multiple sequence and structure alignment server (427) (Fig. 16). R112 is only conserved in a subgroup of strains all of which belong to the proteobacteria. In contrast, the C-terminal extension contains several quite conserved arginines, including R352/R353, that add up to a (R/K)xx(R/K)R*xxxxR* motive (R* being less conserved). Besides this motive, the C-terminal extension varies quite strongly in length and sequence especially between the different phyla. However, apart from the HfsK ortholog of Desulfatitalea and the second of two orthologs in Pirelulla staleyi all others do have a C-terminal extension underlining the importance of this region for this class of GNAT proteins.    
Fig. 16: The C-terminal extension contains a conserved arginine rich motive Structure based alignment of HfsK and its orthologs showing the sequence region around R112 and R352/R353 (red dashed square), separated by black angled brackets. The numbers in brackets before and after a sequence line indicate the number of the succeeding or preceding amino acid, the number after the dash indicates the total number of amino acids present in this protein. The black arrow shows the beginning of the C-terminal extension. The corresponding phylum and the genomic surrounding of the corresponding gene are indicated in colored lines next to the species name using the same color code as in Manuscript Figure S1C: Proteobacteria (violet), Planctomycetes (orange), Actinobacteria (ocher), Cyanobacteria (cyan); gene in an EPS unrelated cluster (green), gene in an EPS operon (red). (Figure on next page ) 
Results 
101 
 
Results 
102 
2.2.1.5 A CC1244 mutant shows strong phenotypes under very specific 
conditions In this work surface colonization was only assessed in PYE complex medium so far. When testing deletion strains of hfsK and its paralogs in the minimal medium M2G, a similar but aggravated pattern as already observed in PYE arises (Fig. 17A). In M2G medium, an hfsK mutant fails to colonize the surface similar to the holdfast deficient NA1000 strain. In addition, while deletion of cc2278 showed a slight defect after 30 min and nearly no phenotype after 24 h growth in PYE (Manuscript Figure 2, Figure S2), it shows a 50% reduction in surface colonization when grown for 24 h in M2G medium (Fig. 17A). Furthermore, only little surface colonization could be observed for 
the ∆cc1244 mutant in M2G medium. However, this is most probably a result of nearly abolished growth in M2G medium as determined by the optical density measured after 24 h growth in microtiter plates (Fig. 17A). Interestingly, this growth defect was 
only observed for the single ∆cc1244 mutation and not when this mutation was combined with deletion of the other paralogs (Fig. 17A). 
On the other hand, when probing attachment in PYE medium on glass, a ∆cc2278 
∆cc1244 double mutant failed to adhere completely (Fig. 17B) while the ∆cc1244 single mutant adhered like Wild-type and the ∆cc2278 single mutant adhered normally but produced smaller holdfast as already described above (Fig. 17B, Manuscript Figure 2B). This was unexpected, as on polystyrene the ∆cc2278 ∆cc1244 mutant behaves like a ∆cc2278 single mutant (Manuscript Figure S2A). This implicates CC1244 in (holdfast) adhesion as already shown for HfsK and CC2278.      
Fig. 17: Growth and surface adhesion phenotypes of a cc1244 mutant (A) Surface colonization determined by crystal violet staining after 24 h growth in M2G medium in microtiter plates for deletion mutants of hfsK and its paralogs. End point measurements of the optical densities relative to Wild-type are shown to demonstrate culture growth. Error bars represent SD of 3 independent experiments. (B) Surface colonization and holdfast staining on glass was performed as described in additional material and methods. Shown are fluorescence images and overlays of phase contrast and fluorescence images of adhered WGA stained holdfast on glass coverslips after 4 h cell adsorption. Scale bar = 5 μm (Figure on next page ) 
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2.2.1.6 Rescue of holdfast synthesis in the cdG0 strain Abel and colleagues (118) could show that a strain without c-di-GMP does not produce a holdfast, yet, based on our data, the c-di-GMP effector HfsK has only a modulatory effect on holdfast production. Conclusively, there must exist another effector that initiates holdfast synthesis upon a c-di-GMP signal. In recent CCMS experiments the glycosyltransferase HfsJ (see chapter: 1.3.3.2) was enriched from 
C. crescentus lysates when using a c-di-GMP specific Capture Compound (J. Nesper, personal communication). In subsequent in vitro experiments, HfsJ was shown to bind c-di-GMP specifically (I. Hug, personal communication). HfsJ is essential for holdfast synthesis and seems to be inactivated by binding of the small protein HfiA when cells are starved (317) (see chapter: 1.3.3.3). This raised the question whether HfsJ is also rate limiting for holdfast synthesis when c-di-GMP level are low. I expressed hfsJ from a high-copy plasmid in the cdG0 strain and a cdG0 strain that in addition lacks the inhibitor HfiA and compared holdfast formation with the wild-type strain. In wild-type cells many polar holdfasts could be readily detected and upon HfsJ 
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overexpression holdfast signal intensity strongly increased, as previously shown (428). In contrast, neither the cdG0 nor the cdG0 ∆hfiA cells produced any detectable holdfast material (Fig. 18A). However, when HfsJ was overexpressed in those cells, holdfasts appeared which were in general a bit smaller compared to the Wild-type empty vector control. Thereby, additional deletion of hfiA did not have a remarkable effect, which was not surprising as the experiment was performed in a nutrient rich medium where HfiA levels are low (317) (Fig. 18A). Previous results in this work suggested that HfsK is inactivated when c-di-GMP levels are high and active when c-di-GMP levels are low. Thus, the holdfast rescue strain was used to verify those results. I tested the cohesive properties of these rescued holdfasts by quantifying the number of shed holdfasts. For both, Wild-type and cdG0 ∆hfiA that expressed HfsJ, less than 10 % shed holdfasts were counted. In comparison, deletion of hfsK in either background led to more than 75% holdfast shedding (Fig. 18B). These results confirm that under a low c-di-GMP level regime HfsK is active while the novel c-di-GMP effector HfsJ is indeed rate limiting. However, although the holdfasts produced by the HfsJ overexpressing cdG0 ∆hfiA strain were not shed and seemed to be normally anchored in the cell, they were still not able to support surface colonization (Fig. 18C). This is in line with previous findings that in addition to holdfast, also pili and flagellum, which are both not produced in the cdG0 strain, are required for this process (118, 255, 306, 326, 335).       
Fig. 18: Overexpressing HfsJ in a cdG0 strain rescues holdfast synthesis but not surface 
adhesion (A) Holdfast formation visualized with WGA-OG staining of wild-type or cdG0 strains harboring a plasmid for HfsJ overexpression or the empty vector control (e.v.). Scale bar = 5 µm. (B) Amount of shed holdfast quantified on fluorescence microscopy images for the wild-type and holdfast rescue strain, each in comparison with an hfsK mutation in the same background. Mid-log phase cultures were stained with WGA-OG and directly spotted on agarose pads before images were taken. The total number of assigned holdfasts (n) is indicated (C) Attachment assay with the cdG0 holdfast rescue strains in comparison with the wild-type strain. In all assays hfsJ was induced with 0.5 mM IPTG. (Figure on next page ) 
Results 
105 
 
2.2.2 Additional materials and methods All additional experiments were performed as described in the materials and methods section of the publication manuscript with the following exceptions. 
Growth conditions Marine strains were grown at 30°C under aeration in in Marine Broth 2216 (Difico). To solidify the medium 1.5 % agar were added and 0.03 M MgCl2 were supplemented.   
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Holdfast staining on glass To visualize adherent holdfast of a HfsK overexpression strain on glass a protocol was adapted from (330). For plasmid induction, overnight grown cultures were diluted first 1:10 in medium containing the inducing agent and grown to mid log phase, before cell numbers were adjusted to an OD660 of 0.11. 2000µl/well diluted culture were co-incubated with round 18 mm borosilicate coverslips (Thermo Scientific, USA) in 6-well polystyrene plates for 4 h at 30°C under aeration. After incubation, the coverslip was washed with PO43—buffer (12.3 mM Na2HPO4 / KH2PO4), stained for 10 min with 1 µg/ml WGA-Oregon green and washed again before mounting on 1 % agarose pads.  For the synergistic adhesion experiment the protocol in the publication manuscript for holdfast staining on glass was applied as described. However, overnight grown cultures were directly diluted into medium containing the inducing agent. When two strains were co-incubated the final cell density of each strain was adjusted to 0.075. Holdfast was stained with 2.5 ug/ml WGA-Alexa Fluor ®350  
Structure based alignment of HfsK orthologs Structure based alignments of HfsK orthologs were performed with PROMALS3D multiple sequence and structure alignment server (427). The final graph was created using Geneious 7.1.7 software. 
Construction of plasmids pKaS56 and pKaS72 were generated by amplification of hfsK or its ortholog from genomic C. crescentus CB15 or W. maritima DNA (BCCM, Belgium) with PCR followed by restriction enzyme digest using primers and enzymes as indicated in Tab. 1 and ligation into the likewise cut plasmid pMT463 and pMT687, respectively.  pKaS70 was generated by amplification of the hfsK ortholog from genomic 
O. alexandrii DNA with PCR followed by restriction enzyme digest using primers and enzymes as indicated in Tab. 1. The plasmid pMT687 was digested with NdeI, treated with Klenow-fragment and subsequently digested with SacI before being ligated with the PCR fragment.  For the pNPTS138-ΔhfiA plasmid roughly 500 bp up-and downstream of the target gene were amplified from genomic CB15 DNA with PCR and fused using overlap 
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extension polymerization, cut with restriction enzymes as indicated in Tab. 1, and ligated at the same time into the likewise digested pNPTS138 vector.  pKaS28 was generated by amplification of the dgcZ gene from plasmid pSA223 with PCR followed by restriction enzyme digest using primers and enzymes as indicated in Tab. 1 and ligation into the likewise cut plasmid pSA223.  
Tab. 1: Additional strains, plasmids and primers Plasmids Plasmid Description Source/ Reference pBBR1MCS2 KanR, broad host range high-copy vector with IPTG inducible Plac (429) pMT463 pBBR1 based high-copy vector with Pxyl, GentR (418) pKaS70 pMT687 derivative for expression of the hfsKOa-3xflag from Pxyl  this study* pKaS72 pMT687 derivative for expression of the hfsKWm-3xflag from Pxyl this study* pNPTS-ΔhfiA pNPTS138 derivative for generation of ΔhfiA mutation this study** pNPTS138-CC3689Flag pNPTS1138 derivative for generation of the hfsK-3xflag fusion in the hfsK locus J. Nesper pKaS28 pNPTS138 derivative to integrate a P lac driven dgcZ-10xhis into the intergenic region of cc3065 and cc3066 this study* pDM13 pBBR1MCS2 derivative for overexpression of hfsJ from Plac D. Meyer pKaS56 pMT463 derivative for overexpression of hfsK from Pxyl this study*  pNPTS138 derivative for generating the deletion mutation of HfsK  
 Strains Strain Genotype Description Source/ Reference 
C. crescentus    UJ8254 ΔpdeA + 
dgcZ-10xhis Markerless deletion of pdeA and chromosomal integration of Plac driven dgcZ-10xhis in CB15 using plasmids pSA81 and pKaS28 this study* UJ6157 hfsK-3xflag Chromosomal integration of hfsK-3xflag in CB15 using plasmid pNPTS138-CC3689Flag this study* UJ7776 cdG0 ΔhfiA Markerless deletion of hfiA in the CB15 cdG0 strain using pNPTS-ΔhfiA this study* UJ7882 cdG0 ΔhfiA 
ΔhfsK 
Markerless deletion of hfsK in the CB15 cdG0 ΔhfiA strain using pNPTS138- ΔhfsK this study* 
   
O. alexandrii   UJ9005 Wild type  Y. Brun 
 Primers Primer Sequence  Restriction site Used for plasmid 3029 CCATGAGCTCGGATCCGCGTTACTATTTATCGTCGTCATC BamHI pKaS70/ pKaS72 
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3942 AGACGACCATATGCCCATCGAAATCGTCAAAGC NdeI pKaS56/  4579 TTCGAATTCTCAGTGCAGTCCGCGCAGCA EcoRI pKaS56 6531 TAGTCAGAATTCGGCCATCATCACCGGCC EcoRI pNPTS-ΔhfiA 6532 CATTTATTGAGCGCGGACAGGTGAGACCTTGGCGCGCC n/a pNPTS-ΔhfiA 6533 GGCGCGCCAAGGTCTCACCTGTCCGCGCTCAATAAATG n/a pNPTS-ΔhfiA 6534 TGACTAACTAGTCGGCGGCGAGGTAAAGC SpeI pNPTS-ΔhfiA 7154 TGCTGAGCTCATGATCAAGAAGACAACGGA SacI pKaS28 7155 TGGGTACCTTACTAATGATGGTGATGGTGGTGATGGTGATGATGGAAAACTCGGTTAATCACAT KpnI pKaS28 8590 TGTTGTCGGTGGAGCTGAAGTC n/a pKaS70 8591 GCCGCGCTTTACGGCGTCGACTACAAAGACCATGAC n/a pKaS70 8592 GTCATGGTCTTTGTAGTCGACGCCGTAAAGCGCGGC n/a pKaS70     8596 GAGATTACCATATGGATCAGATTGTCGTTAA NdeI pKaS72 8597 TTCAGCTTTAAAGGGTCAGACTACAAAGACCATGAC n/a pKaS72 8598 GTCATGGTCTTTGTAGTCTGACCCTTTAAAGCTGAA n/a pKaS72 * Plasmid/strain generated by myself **Partial contribution to plasmid/strain construction   
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 Discussion 3.1Several aspects of HfsK function and regulation were already discussed as part of the publication manuscript above. Some important considerations are reviewed here again in more detail while also several additional aspects are covered. 
3.1.1 Possible function of HfsK Computational analysis showed that HfsK belongs to the GNAT protein family that catalyzes an acylation reaction using acyl donors bound to an acetyl, aminoacyl or acyls with other organic substituents (Fig. 7). But not only the acyl-donor but also the acyl-acceptor molecule can vary substantially (see chapter: 1.4.1). This makes a functional assignment for HfsK and other homologs not straightforward. Shearing of the holdfast structure in an hfsK mutant proposes that the holdfast itself is changed. But given the observation that strains lacking the holdfast anchor proteins HfaA and 
HfaD showed similar phenotypes as a ΔhfsK strain could also indicate that the holdfast anchor is altered in these strains. Yet, the latter scenario seems less likely for the following reasons. First, the strong association of hfsK orthologs with genes involved in EPS synthesis indicates that HfsK participates directly in the synthesis of the holdfast EPS and not the anchor proteins, which are encoded elsewhere. Second, the synergistic adhesion experiments showed, that an hfsJ mutant, which has an intact anchor but no holdfast can adhere to surface-deposited shed holdfasts of a ΔhfaB strain. This was also possible when in addition to hfsJ also hfsK was deleted (Fig. 11), which indicates that also in this double mutant the anchor is intact. Because of the considerations above, a scenario where HfsK acylates the holdfast EPS is discussed below. Many EPS components are acetylated (59, 430–434) or carry other acyl decorations like succinyl and pyruvyl residues (435). However, the knowledge about their synthesis is limited. Most information available is about O-acetylation of EPS, which usually requires different enzymes as compared to N-acetylation. In case of the acetylated capsule of E. coli that is synthesized by an ABC-transporter dependent pathway, O-acetylation takes place on the level of the oligosaccharide before export (433, 436). During the synthase dependent pathway required for alginate production of P. aeruginosa, O-acetylation takes place in the periplasm while the EPS is exported (52) (see chapter: 1.2.4.2.) Synthesis of di-N-acetylated O-antigen of the P. aeruginosa 
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LPS, on the other hand, requires a di-N-acetylated UDP-mannuronic acid precursor (434). Precursor synthesis usually takes place in the cytosol. Since our data indicated that HfsK is active at the inner membrane, it is more likely that HfsK modifies the lipid-linked oligosaccharide at the membrane, rather than participating in precursor synthesis.  FemX of W. viridescensis is the closest homolog of HfsK for which structural information is available. FemX has two GNAT domains in tandem and is required for peptidoglycan crosslinking in gram-positive bacteria and transfers an aminoacyl group from aminoacyl-tRNA to Lipid II (see 1.4.2). The Lipid II binding side is mainly comprised in the N-terminal GNAT domain while the C-terminal domain accommodates the aminoacyl-tRNA. According to a structure-based alignment, FemX and HfsK show less similarity in the N-terminal domain, suggesting that their acyl acceptor might differ. It is possible that HfsK evolved to bind to and acylate lipid anchored holdfast oligosaccharide precursors. Consequently, different orthologs of HfsK may use different lipid-linked oligosaccharides as acyl-acceptors depending on the EPS core structure of the respective species. This could explain why HfsK orthologs from O. alexandrii and W. maritima were unable to functionally complement 
a ΔhfsK phenotype as the exact composition of their holdfast EPS might differ from the 
C. crescentus holdfast.  As FemX and HfsK show more similarity in the C-terminal GNAT domain that binds aminoacyl-tRNA, it is feasible that aminoacyl-tRNA is also the acyl-donor of HfsK. The highly conserved lysine of the Fem family that is required for stabilizing the tetrahedral intermediate of the aminoacylation reaction (379) (Fig. 9C) is also conserved in HfsK (K300), its orthologs, and paralogs. However, without in vitro data about the enzymatic function of HfsK it cannot be exclude that HfsK uses another acyl-donor like the classical acetyl-CoA or something similar to myristoyl-CoA which is the substrate of another tandem GNAT protein (see chapter: 1.4). 
3.1.2 Acylation of EPS – it can make the difference Acylation of EPS has been observed, but only in few cases the role of this modification has been investigated. B. cepacia for example, synthesizes an acetylated EPS and the acetyl groups were shown to protect against reactive oxygen species (63). V. cholerae encodes two acetyltransferases in its EPS vsp gene cluster but only deletion of one, 
vpsG, showed a phenotype. A strain lacking VpsG produced less EPS, formed les 
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biofilm and grew to more smooth colonies (437). A P. fluorescens strain deficient in cellulose acetylation forms thinner and less robust biofilms on the liquid-air interface and is not able to retain cells in the matrix (430). The best-described system, however, is alginate of P. aeruginosa (see chapter: 1.2.4.2). Acetylation and epimerization were shown to be interdependent and strongly affect the molecular weight of the final EPS product and viscosity (53). Mutants deficient in acetylation only formed thin and less structured biofilms which could be partially attributed to a reduced viscosity of the non-acetylated EPS (53, 432). Viscosity is an inherent property of EPS. Depending on the interaction forces within individual molecules, EPS can behave like a viscoelastic fluid, which deforms upon a sustained stress or like a viscoelastic solid that does not deform under these circumstances (55) (see chapter: 1.1.2). Under shear stress, a wild-type holdfast does not deform and keeps the cells attached to the surface. In an hfsK mutant one can observe such a deformation indicating that interactions within the holdfast have weakened. As discussed above, HfsK possibly adds an acyl group to the holdfast EPS material. Acetyl groups were suggested to form hydrophobic pockets that increase dispersion forces (57). In line with this, acetylated cepacian, the EPS of B. cepacia, is slightly less viscous than in its deacetylated form and forms dimeric polymer structures while deacetylated polymers remain monomeric (58). Yet dispersion forces are still very transient and thus do not explain the tremendous increase of viscosity (i.e. decreased cohesion) of the hfsK mutant holdfast. On the other hand, it is more feasible that HfsK transfers an aminoacyl group. Depending on its nature this group could participate in stronger electrostatic interactions or, in analogy to the peptide bridges in peptidoglycan, even engage in a covalent linkage either within the EPS polymer or between the polymer and the anchor proteins (378, 438) (see chapter: 1.4.2). As described in chapter 1.1.2, underwater adhesion is a challenging process and EPS adhesins need certain prerequisites, mainly in form of polymer modification, in order to fulfill this task. Again, depending on the nature of the acyl reaction catalyzed by HfsK, the protein might also affect water solubility or the surface adhesion force of the holdfast directly. However, considering the massive amounts of adherent but shed 
holdfast material on glass observed for ΔhfsK cells, the latter is not likely. The reduced 
adhesive force measured for ΔhfsK in comparison to wild type cells is probably a consequence of reduced interaction forces within the holdfast structure or between 
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holdfast and anchor. Likewise, HfsK overexpression may increase these interaction forces. Li and colleagues proposed that the holdfast first spreads like a viscous fluid to form a surface adherent disc and then cures to a more rigid structure (315) (see chapter: 1.3.3.1). Increased interaction forces might change the speed of this curing reaction, which could impair surface contact of the holdfast disc. This would explain the reduced surface adhesion of the HfsK overexpressing strain. 
3.1.3 The holdfast anchor model While the proteins needed to anchor the holdfast on the cell envelope, HfaA,B,D, are known for many years (328, 329) the exact mechanism of how the holdfast polymer is anchored is still not clear today.  It is thought that HfaB is the outer membrane export pore for HfaA and HfaD that are predicted to constitute an amyloid-like anchor held in the outer membrane (see chapter: 1.3.3.2). This idea can be combined with the hypothesis that HfsK catalyzes a modification of the holdfast EPS that is needed for crosslinking of the saccharide polymers with the anchor (see chapter above). Such multiple anchor-to-EPS crosslinks could confer a stable interaction network needed to make the holdfast non-deformable and strong and to anchor it firmly in the cell envelope. HfaA and HfaD require each other to polymerize (331). Therefore, as observed in the flow channel, deletion of either should have the same phenotype as an hfaAD double mutant. Thus, the stability conferring interaction network should not be created in neither an hfaA, 
hfaD nor an hfsK mutant. 
As HfaA and HfaD seem not to be exported in a ΔhfaB mutant (331) it is to be 
expected that a ΔhfaB mutant additionally also lacks HfaA and HfaD on the envelope. 
But as already previously observed, the ΔhfaA, ΔhfaD or ΔhfaAD double mutant did 
not phenocopy a ΔhfaB mutant. While deletion of hfaA and hfaD resulted in the shedding of a holdfast, which is deformed by flow, deletion of hfaB resulted in the shedding of a globular and non-deformed holdfast. However, when observing shed 
holdfasts of ΔhfsK and ΔhfaB mutants on glass slides after cultures were grown with orbital shaking (Manuscript Figure 2B), the strains were not distinguishable and neither formed filamentous holdfasts.    
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Fig. 19: The holdfast anchor model The holdfast EPS is held together by weak entanglement interaction forces between the saccharide polymers. Additionally, crosslinks (red lines) between an HfsK catalyzed EPS modification (red dots) and the holdfast anchor consisting of HfaAD additionally anchor and stabilize the structure and make it non-deformable. The holdfast is also connected to the cell by an HfaAD-independent HfaB mediated mechanism (green circle, dashed when prone to break). In shaking cultures (upper panel) none of the mutant holdfasts deform, as the undirected forces (blue arrows) experienced are short-lived and cannot disrupt the weak EPS interactions. Yet, under flow conditions (lower panel) the forces are unidirectional and act over longer time-scales. In the presence of HfaB cells pull on the holdfast structure. Thus, saccharide polymers are sheared and the holdfast is deformed when the HfaAD-HfsK mediated interaction network is not established but a residual connection between the cell envelope and the saccharide polymers is maintained via HfaB. 
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A possible explanation could be that HfaB is involved in an additional weak but HfaAD and HfsK independent anchor mechanism. Besides, as described for other EPS systems, the holdfast saccharide polymers are probably still held together via many weak and rather transient entanglement interactions and can only be sheared (i.e. behave like a viscoelastic fluid) when subject to a mechanical stress that lasts longer as the time constant of these interactions (see chapter: 1.1.2). Thus, in strains that lack either hfaA, hfaD, or hfsK the holdfast would still be connected to the cell via HfaB, while the interaction network conferring stability and strong anchoring is missing. When cells are grown under shaking conditions, short-lived forces from different angles act on the weak holdfast, which under these conditions is held together by the transient interactions between the saccharide polymers and does not deform. Yet it is eventually disconnected from the cell. When cells are grown in flow, directed long lasting forces act on the weak holdfast and additionally the cells pull on the holdfast. The weak interactions between saccharide polymers are sheared into one direction and form an elongated holdfast filament that is just connected at one end to the cell via HfaB and this connection would also rupture after some time. An hfaB mutant, on the other hand, would lack both the stability conferring HfaAD-HfsK based interaction network and the additional anchor. The holdfasts of these cells would be immediately disconnected from the cell. In a flow channel, flow velocity decreases towards the channel walls (439). Therefore, directly shed holdfasts of ΔhfaB mutants would probably experience far less mechanical stress, as there are not connected to the bulkier cells that project more into areas with higher flow velocity. This would explain why holdfasts from hfaB mutants do not form filaments, not even in conditions with a continuous flow. 
3.1.4 Function of CC2278 and CC1244 While HfsK is functionally connected with holdfast anchoring and has a strong implication in holdfast cohesion, its paralogs CC2278 and CC1244 seem to have only minor influence on the adhesin. Yet, mutants lacking one of these proteins showed a 
holdfast and/or attachment related phenotype. E.g. holdfasts of a Δcc2278 strain were generally smaller but not shed, which might be explained by a defect in EPS export due to an altered acetylation state of the polymer as observed for PGA of E. coli strains that lack the periplasmic deacetylase (239). A Δcc1244 mutation, on the other hand, 
very specifically abolished adhesion on glass in a Δcc2278 background. Although the 
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holdfast of the Δcc1244 Δcc2278 double mutant has not yet been investigated in detail, 
the finding that it shows similar adherence to polystyrene as a Δcc2278 single mutant, indicated that this strain does form a holdfast. Both, gas plasma treated polystyrene and glass are negatively charged at neutral pH, but the negative charge of glass decreases at lower pH which also has an effect on holdfast adhesion (310, 440, 441). Fresh PYE has a pH slightly below 6 and, as a consequence, the negative charge on glass is probably lower compared to polystyrene in the course of the glass-binding assay. Therefore, it is possible that the holdfast adhesive properties are changed in the 
Δcc1244 Δcc2278 mutant in such a way that mainly its adhesion on neutral surfaces is affected. 
3.1.5 GNAT proteins – ignored players in EPS synthesis HfsK and its homologs are presented here as a so far uncharacterized family that can take part in EPS synthesis. However, involvement of GNAT proteins in EPS synthesis is not a new, yet a largely ignored detail. In 1995, Matthysse and colleagues described the gene cluster required for cellulose synthesis in Agrobacterium tumefaciens (442, 443). They found that a two-gene operon consisting of CelD and CelE is required for early steps in cellulose synthesis. However, as they worked with transposon mutants and could not exclude polar effects of the transposon within the celD gene onto celE, function and requirements for CelD remained elusive (443). Today, we know that CelD is a GNAT family protein that belongs to the same subgroup as HfsK (Pfam: 
Acetyltransf_6) (149, 444). Also for CelD a structure based HHpred search identifies FemX as the closes homolog with known structure (149, 390, 444). However, CelD has an additional C-terminal TPR repeat, which is absent in HfsK and a sequence homology search using CelD as query with Blast (413) gives no reasonable hit in 
C. crescentus. But sequence similarities among GNAT proteins are very poor and even HfsK orthologs do not reach sequence similarities above 35% outside of the 
Caulobacter clade. Furthermore, holdfast synthesis goes via a Wzx/Wzy-dependent pathway, while cellulose synthesis is a synthase dependent process (see chapter: 1.2.4.1). This makes the differences between CelD and HfsK explicable. To my knowledge, cellulose modification has not been shown in A. tumefaciens. But due to the big variety of additional genes found in various cellulose synthesis clusters, different types of cellulose modification were predicted for several bacteria, including A. tumefaciens (149). In case of Pseudomonas fluorescens synthesis of 
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acetylated cellulose has been confirmed and it depends on proteins that are similar to periplasmic O-acetyltransferases employed in alginate synthesis of P. aeruginosa (430). Unmodified cellulose is composed of glucose chains that do not provide any amine. There are, however, some rare reports of GNAT proteins capable to perform acetylation on an amine (N-) and on a hydroxide (O- acetylation) (445, 446). It could therefore be possible that CelD acylates the early cellulose polymer on a hydroxide group. 
3.1.6 C-di-GMP dependent control of HfsK  We could show that HfsK binds c-di-GMP specifically and that nucleotide binding requires both, residues from the GNAT core and from a C-terminal extension that is not present in FemX. Most HfsK orthologs have such a C-terminal extension containing a conserved arginine rich motive (R/K)xx(R/K)RxxxxR. This is striking, as c-di-GMP binding sites in general contain several arginine residues (114) (see chapter: 1.2.3). The two arginines in the middle of the motive correspond to R352/R353 which were required for full c-di-GMP binding of HfsK. On the other hand, R112, which locates to the GNAT core structure, is only conserved in a proteobacteria-specific subgroup of HfsK homologs and it is possible that c-di-GMP binding is specific to this particular subgroup. Considering the importance of the C-terminal extension for HfsK localization, the primary role of its conserved arginine residues might be to mediate interaction with a membrane partner, while c-di-GMP binding to this site may have evolved later in a subgroup to specifically interfere with HfsK membrane localization.   But how and why does c-di-GMP control HfsK? Although the functional consequences of HfsK dispersal to the cytosol are not entirely clear, several pieces of evidence suggested that this step inactivates the protein. (I) A truncated version of HfsK is fully dispersed in the cytosol and inactive. Moving this mutant back to the membrane by replacing the C-terminus with a transmembrane anchor did not restore its activity. This could either indicate that loss of function is a simple consequence of the truncation, which might impair activity or stability/folding, or that the C-terminus mediated localization is required for activity. The C-terminus could, for example, engage in a functionally important interaction with a membrane partner. (II) Full length protein variants that were forced to remain in the membrane either due to an added membrane anchor or as a result of mutating one of the critical Arg residues for 
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c-di-GMP binding (R112), retained full activity in vivo. This led us to conclude that HfsK adopts its active conformation at the membrane while its cytosolic form is inactive. Arg mutations in the C-terminus, although permanently membrane associated, were, however, not active. This would be again in line with an important functional role of the C-terminus beyond simple localization (III). When holdfast synthesis is rescued in the cdG0 strain by overexpression of the glycosyltransferase HfsJ, the emerging holdfast is not shed and HfsK remains fully membrane associated. This strongly argued that under these conditions (lack of c-di-GMP) HfsK is in the active, membrane associated from. (IV) Contrarily to this, when c-di-GMP levels were increased artificially above wild-type levels, HfsK is fully dispersed and holdfasts phenocopies the ΔhfsK mutant strain.  Which cyclase is responsible to turn off HfsK activity remains to be shown. It is possible that this function is carried out by a specific member of this enzyme family in 
C. crescentus, similar to related processes in other bacteria (119–121, 447). For example in P. fluorescens a physical interaction of LapD with its DGC was required for maximal signal transduction (447). This could also explain why in this c-di-GMP high 
background the holdfast defects were still not as severe as in a ∆hfsK mutant.  Studies in C. crescentus indicated that the general paradigm of low c-di-GMP levels promoting motility and high c-di-GMP levels stimulating adhesion and biofilm formation maybe oversimplified. For example, as described in chapter: 1.3.2, flagellar function requires an optimal window of intracellular c-di-GMP and either too low or too high levels of c-di-GMP abolish its biogenesis and function. Likewise, pili function and surface colonization have a c-di-GMP optimum (118). By having cell cycle controlled oscillating c-di-GMP levels, this optimal range is exploited by C. crescentus to time function of these processes, e.g. flagellum synthesis in predivisional cells requires c-di-GMP while in swarmer cells c-di-GMP levels have to be kept low in order to allow flagellar rotation. In contrast, in an experiment were c-di-GMP levels were gradually increased, holdfast production plateaued as measured by WGA staining intensities and did not decrease even at very high c-di-GMP levels (118). This indicated that c-di-GMP has a simple role in stimulating holdfast production. However, as suggested by the inactivation of HfsK by c-di-GMP, holdfast functionality might require an optimal c-di-GMP concentration window. It is possible that C. 
crescentus makes use of oscillating c-di-GMP levels during the cell cycle to activate 
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overall biogenesis of the EPS polymer as c-di-GMP levels begin to rise, followed by the deactivation of HfsK at peak levels of c-di-GMP. Constant high c-di-GMP levels, as simulated with the rcdG0 pdgcZ strain, might thus disrupt the proper coordination of successive steps in holdfast biogenesis, resulting in non-cohesive or poorly anchored EPS. The idea that the timing of HfsK activity is important is supported by the finding that hfsK overexpression from a high-copy plasmid leads to a strong growth defect. It is possible that the activity of HfsK at the wrong time and/or place interferes with important cellular processes like peptidoglycan synthesis. As a consequence, also cells expressing c-di-GMP blind HfsK variants, which do not delocalize to the cytosol, should have growth defects. This, however, was not observed for the R112A mutant although it was still active in vivo. Yet, this variant seems to have retained some c-di-GMP binding capacity, which might be enough to prevent it from being toxic. Alternatively, toxicity in the overexpression strain could arise not from accumulated membrane associated but from accumulated cytosolic HfsK. The latter was not detected in the R112A mutant. Inactivation of HfsK by c-di-GMP might have yet another purpose. Although we have no knowledge about c-di-GMP levels in C. crescentus cells in a growing biofilm, they might be high enough to deactivate HfsK completely during the course of holdfast synthesis. Keeping HfsK turned off in such an environment may contribute to the formation of complex 3D cellular structures. C. crescentus biofilms grown in microfluidic devices show WGA staining all around the cells (428), indicating that at this stage, either another non-polar N-acetylglucosamine-containing EPS is produced or that the holdfast material has lost its topological specificity and has altered into a more viscous cell embedding matrix. Besides capsule and holdfast, there seems to be no other EPS synthesis cluster in C. crescentus. Specific inactivation of HfsK might therefore be the means to convert the polar holdfast adhesin into a matrix EPS, possibly explaining why this protein is regulated by c-di-GMP in a negative manner. 
A ΔhfsK mutant holdfast was sheared when subject to flow. Shearing of entire biofilms in response to a directed stress has been described for several environmental isolates, for P. aeruginosa and for S. aureus. It has been suggested that this viscoelastic behavior decreases the strain experienced by the biofilm and thus prevents structural failure (448, 449). Additionally, loose biofilm flocs of P. fluorescens shear to elongated streamers within seconds when they collide with a surface (450). But bacteria can also adapt to the shear stress strength and change biofilm cohesion in order to have 
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maximal stability (451). Thus, by modulating activity of HfsK via c-di-GMP, 
C. crescentus could influence the viscoelasticity of its biofilm matrix and adapt to different shear stress regimes found e.g. in ponds or rivers. 
3.1.7 Holdfast synthesis and surface adhesion control pathways - a 
highly connected c-di-GMP network  Several pathways were shown to integrate c-di-GMP signaling at different levels. For example in E.  coli maximal cellulose synthesis requires two post-transcriptional c-di-GMP effectors (184, 217) (see chapter: 1.2.4.1) and flagellum function in 
C. crescentus is regulated both positively and negatively by c-di-GMP (185, 309) (see above and chapter: 1.3.2.2). Synthesis of the EPS Pel of P. aeruginosa is controlled by c-di-GMP on the transcriptional level via FleQ and on the post-translational level via PelD (180, 199, 229) (see chapter: 1.2.4.3). Also in C. crescentus several c-di-GMP dependent pathways have emerged that either translationally or post-translationally converge into holdfast synthesis and are reviewed and discussed in the following chapter. All hfs genes have a similar expression pattern, which is mainly governed by CtrA (57, 296; S. Abel, unpublished data). As described in 1.3.2.1 CtrA stability and activity is regulated by at least two c-di-GMP effector proteins. Expression of hfiA, was shown to be additionally repressed by StaR that is also controlled by a c-di-GMP dependent pathway (C. von Arx, personal communication). Yet, interestingly there seems to be over all only little influence of c-di-GMP on hfs gene expression. Protein levels of HfsK, for example, were only marginally changed in an rcdG0 strain in comparison to the wild type strain. Additionally, the findings that holdfast production can be rescued in the cdG0 strain by overexpression of hfsJ without changing expression of the main 
hfs-operons is an indirect evidence that even in a strain without c-di-GMP the holdfast synthesis machinery is assembled. This is in contrast to Pel of P. aeruginosa. Expression of pel is highly increased in strains with elevated c-di-GMP levels in comparison to the wild type strain (199) or in biofilms in comparison to planktonic cells, which also translates into the measured protein levels (74). We know, that the holdfast synthesis machinery is already produced before cell division (317, 336). Consequently, it seems that the holdfast machinery is constitutively present in the cells and ready to react quickly. This illustrates that for C. crescentus surface 
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colonization is important and in nature it could be even fundamental for its existence. The question for this bacterium seems not to be whether it should adhere to a surface but rather whether the conditions are favorable enough to do so. The decision, whether conditions are favorable for colonization appears to be largely influence by c-di-GMP on a post-translational level. Although there is evidence that under lab conditions the holdfast machinery is synthesized even in absence of c-di-GMP, the nucleotide is strictly required for holdfast formation (118). Several experimental observations have recently identified the glycosyltransferase HfsJ (see chapter: 1.3.3.2) as a c-di-GMP binding, rate-limiting enzyme in holdfast precursor biogenesis (49; J. Nesper & I. Hug, personal communication). In this work it was shown that overexpression of HfsJ can rescue holdfast formation in the cdG0 strain, arguing that this protein may represent the enzymatic step that is tightly controlled by c-di-GMP. These results strongly argued that HfsJ constitutes the switch to initiate holdfast synthesis when c-di-GMP levels rise in the cell, either as a result of development during SW-to-ST transition, or as a consequence of cells experiencing surface contact. The finding that HfsJ is the central regulatory player in holdfast formation was underscored by the observation that its activity is also restrained by HfiA, a small protein that responds to the cells’ nutritional status (317) (see chapter: 1.3.3.3). Interestingly, this nutritional checkpoint includes yet another c-di-GMP binding protein, located upstream of HfiA, that integrates c-di-GMP levels with information of the general stress response pathway and ppGpp levels (V. Shyp, personal communication). Furthermore, also CC1244 was found in a CCMS screen for specific c-di-GMP binding proteins. Thus, also this protein might present another branch through which c-di-GMP could control holdfast formation. This exemplifies the c-di-GMP signaling complexity that integrates different environmental and probably internal cues to regulate holdfast production and thus surface colonization. It is likely that more pathways exist to integrate additional signals into this important cellular transition. Although holdfast biogenesis is key for permanent attachment of C. crescentus, it is not sufficient for successful surface colonization (42, 118, 306, 335). This is again exemplified by the stains used in this study that have no or strongly increased c-di-GMP levels. A cdG0 strain that synthesizes holdfast still failed to colonize surfaces and also the shed holdfasts of a strain massively overproducing DgcZ were not deposited on glass. The reason for this is most probably that both, a cdG0 strain 
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and a strain with enhanced c-di-GMP levels fail to assemble a functional flagellum and functional pili (118). The flagellar motor is involved in the surface sensing process that translates into rapid holdfast biogenesis (I. Hug, personal communication). In general, an underwater adhesin needs to dispatch H2O molecules in order to firmly interact with the surface and to adhere (77) (see chapter: 1.1.2). Furthermore, freshly produced holdfast seems to be able to quickly spread on the surface before curing and forming an adhesive disc onto which more holdfast material is added (315) (see chapter: 1.3.3.1). Both processes thus require a close or even enforced contact to the surface in order to be effective, which would explain the importance of pili for adhesion as they can pull the cell to the substratum. It is thus possible that in addition to the multi-layered c-di-GMP-mediated control of holdfast formation, the overall process of “surface adhesion” integrates even more c-di-GMP dependent signals and pathways to optimize assembly and function of additional cellular organelles that are required for this lifestyle change. 
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 Outlook 3.2This work has been the first step to unravel the function and control of the novel c-di-GMP effector HfsK. Nevertheless, there are still several aspects about this protein which are not fully understood. First of all, the enzymatic function of HfsK is unclear and it is not even certain that HfsK is enzymatically active. There are two imminent questions when assuming that HfsK is an active acyltransferase: What substrate does it acylate and what acyl donor does it use? As a first step, it would be interesting to see whether the holdfast EPS is 
changed in a ∆hfsK mutant in comparison to Wild-type. This is challenging to test, as the amounts of holdfast produced are minuscule and due to its adhesive properties the material is difficult to handle. We initiated a subproject, where lipid-linked holdfast oligosaccharide intermediates were isolated. Preliminary data indicate that isolation does work (data not shown). However, also here it remains to be seen whether the amount of isolated material would be enough for detailed analysis with mass spectroscopy (452, 453) or even NMR (244). In contrast to investigating holdfast composition, substrate binding of purified HfsK could be screened. Such a screen has been performed with several uncharacterized GNAT proteins using a library consisting of 95 different compounds including antibiotics, polyamines, amino acids, nucleosides, and other metabolites (454). Best candidates for HfsK to start with would be different mono-/ di and oligosaccharides that could serve as acyl-acceptors and different acyl-tRNAs that could be used as acyl-donors. Also information about the c-di-GMP binding mode is scarce. Attempts to identify residues involved in c-di-GMP binding using the hydrogen-deuterium exchange method failed for unknown reasons (G. Bange, personal communication). Crystallization of HfsK in presence and absence of c-di-GMP could not only help to define the ligand binding site, but could also give new insights into the mechanics of protein regulation. It might help to understand the role of HfsK’s C-terminus and could solve the question, whether the C-terminus has a direct regulatory role or whether it is mainly involved in protein localization. In relation to this, it would be interesting to see whether the C-terminus is sufficient to localize proteins. A simple fusion of a fluorophore to the C-terminus of HfsK could answer this question. Additionally, it is not known how HfsK is retained at the membrane. It could interact with another protein or with the membrane lipids directly. It was extensively tried to find HfsK 
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interaction partners by co-immunoprecipitation coupled to mass spectroscopy. But no possible interaction partner could be enriched even when c-di-GMP levels were adjusted in order to push the protein into its membrane bound or cytosolic form (data not shown). However, instability of the protein upon lysis could have interfered with the procedure. If a fluorophore fused to the C-terminus of HfsK does localize to the membrane, it could be used for interaction studies as an alternative to the native protein. Alternatively, considering the possibility that HfsK might interact with the membrane directly, it might be interesting to isolate C. crescentus membranes (455), treat them with proteases and then test, whether HfsK could bind to these clean membranes.  Another intriguing question is why HfsK is controlled by c-di-GMP. The findings that overexpression of HfsK leads to strongly reduced growth could be exploited in a suppressor screen. This could not only give information about the cause of this growth defect. As suppression of the growth defect might include also other proteins involved in holdfast synthesis, this could also help to understand the role of HfsK in this pathway. Alternatively, as discussed above, one possibility is that inactivation of HfsK plays a major role in biofilms. To assess this, a tight and inducible hfsK system in a ΔhfsK mutant could be used to study protein function in growing biofilms. In a microfluidics system this could be combined with changes in flow rate to assess the system in dependence of shear stress. In parallel, having established the basics of c-di-GMP control during C. crescentus cell cycle, the next logical step would be to investigate the role of c-di-GMP in biofilms by using inducible systems that are already used in planktonic cells (118).  Furthermore, the putative connection of HfsK with the holdfast anchoring mechanisms is a very interesting finding. Elucidating the exact mechanism of holdfast anchoring would be another step to unravel the enigma of the holdfast’s remarkable adhesion strength. Analyzing the exact holdfast phenotype of strains with different combinations of hfaA, B, C, D and hfsK deletions could already help to understand the connection of these proteins.  
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Last but not least, many of the approaches suggested above could also be applied for CC2278 and CC1244. Their exact function and regulation certainly differ from HfsK as they also show other deletion phenotypes. However, in certain ways, e.g. general nature of the substrate, they might be also very similar and insights into one of the paralogs could possibly help to understand the others as well.   
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